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ABSTRACT 

 

   This dissertation examines the role of microorganisms in marine biogeochemical cycles 

with a particular emphasis on sedimentary nitrogen transformations.  Nitrogen is required 

by all living organisms and is a key nutrient controlling the productivity of Earth’s oceans.  

Pervasive endeavors of modern human society, such as fossil fuel combustion and Haber-

Bosch N2 fixation for agricultural fertilizers, have caused large-scale perturbations in the 

natural, global nitrogen cycle such that the rate of anthropogenic reactive nitrogen creation 

now exceeds that of all natural processes combined.  A substantial fraction of this man-

made reactive nitrogen is being lost to the environment where, as a macro-nutrient, 

excessive nitrogen loading is causing extensive disruptions to natural primary production 

cycles and food webs.  Basic scientific research on nitrogen cycling in coastal oceans is 

imperative as human activities are increasingly adding to the reactive nitrogen influx to 

near-shore environments. 

   Shallow coastal areas (< 200 m water depth) cover only ~ 7% of the ocean although up 

to 30% of marine primary production occurs in these zones.  Biogenic debris settling in 

coastal zones largely escapes degradation in the water column, and thus, as much as 60% 

of locally-produced organic matter undergoes benthic deposition and diagenesis.  

Nutrients regenerated during organic matter mineralization in shallow sediments are 

essential in fueling high rates of marine primary production in continental margins.  

Coastal sediments are also important sites of reactive nitrogen removal with the majority 

of marine microbial N2 production occurring in these areas.  Production of N2 in 

continental shelf sediments via microbial denitrification and anammox (anaerobic 

ammonium oxidation) is an essential process for nitrogen removal and maintaining a 

balance of reactive nitrogen in the oceans.  Denitrification and anammox are two of the 

least understood pathways in the nitrogen cycle; explorations of rates and mechanisms for 

N2 production have been hindered mainly by methodological difficulties, spatial and 

temporal variability in benthic processes, and previously-overlooked nitrogen cycling 

pathways.  Due largely to a paucity of direct N2 flux rate measurements, most global 

marine nitrogen budget estimates are tenuous (Capone 2008).  Thus, the foci of this 

dissertation were to better constrain known rates of denitrification and anammox, 



 xi 

elucidate the principal controls on these processes in situ, and explore the ecology of 

microorganisms mediating these reactions in coastal sediments. 

   Rates and controls of nitrogen removal by microbial N2 production were studied at three 

field areas in two different estuaries.  Field research sites within the Apalachicola National 

Estuarine Research Reserve included stations adjacent to St. George Island in the Gulf of 

Mexico (for the investigation of nitrogen cycling in permeable sediments) in addition to 

stations within an oligohaline marsh near the mouth of the Apalachicola River (for a study 

of nitrogen removal by coastal wetlands).  Benthic microbial nitrogen cycling was also 

studied in fjords of the Svalbard islands in the Arctic Ocean. 

   The first of four chapters of this dissertation describes a study identifying the microbial 

taxa which catalyze phytodetritus degradation and denitrification in permeable coastal 

sediments of the northeast Gulf of Mexico.  Coastal benthic environments typically 

receive intermittent pulses of organic matter following phytoplankton bloom events and 

permeable sediments have been demonstrated to rapidly degrade this material.  

Microorganisms act as the primary agents of benthic organic matter decomposition 

through the production of extracellular hydrolytic enzymes, fermentation, and terminal 

carbon mineralization coupled with respiratory processes.  Although the role of bacteria in 

the decomposition of organic matter in marine sediments has long been recognized, the 

mechanisms regulating organic matter decomposition, and relationships between the 

phylogeny of benthic microorganisms and changes in biogeochemical and ecological 

function, are under-explored. 

   In this study of detritus-degrading microorganisms, stable isotope probing experiments 

were used to track the assimilation of isotopically-labeled substrate into bacterial DNA 

and to directly link the taxonomic identification of benthic microorganisms with 

particulate organic matter degradation and denitrification activity.  Phytodetritus 

deposition events were simulated in the laboratory by the addition of 
13

C-enriched, heat-

killed Spirulina cells to intact sediment core incubations.  Immediate increases in O2 

consumption, N2 efflux, and dissolved inorganic nitrogen efflux were observed following 

phytodetritus addition relative to unamended treatments, suggesting that the benthic 

microbial community was poised to immediately begin oxidizing deposited organic 

matter.  Analyses of 16S rRNA gene sequences amplified from 
13

C-enriched DNA 
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fractions demonstrated that members of the Gammaproteobacteria (Vibrionales and 

Alteromonadales), Deltaproteobacteria, Actinobacteria, Verrucomicrobia, and 

Planctomycetes metabolized the phytodetritus amendment.  Terminal restriction length 

polymorphism analyses showed increases in the relative abundance of 

Gammaproteobacteria, Planctomycetes, and Bacteroidetes with phytodetritus addition.  

Alphaproteobacteria were identified as metabolically active denitrifiers by phylogenetic 

analysis of nitrous oxide reductase gene sequences from 
13

C-enriched DNA fractions.  

This study provides the first identification of microorganisms responsible for organic 

matter degradation in marine sediments by DNA sequence analysis.  Microbial 

assemblages recognized for high molecular weight organic matter oxidation in the marine 

water column were important in catalyzing these processes in permeable sediments. 

   Permeable sediments are also the focus of Chapter 2 which describes nitrogen cycling 

over a one-year period in sublittoral sands from two contrasting sites near St. George 

Island.  Nitrogen stable isotope tracer techniques were used to measure N2 production 

rates and pathways in sediment cores and slurries.  To simulate pore-water advection, 

which occurs in permeable sands due to interactions between water currents and surface 

topography, intact sediment cores were perfused with aerated seawater.  Pore-water 

perfusion increased denitrification rates up to 2.5-fold and 15-fold for the Apalachicola 

Bay and Gulf of Mexico sites, respectively, relative to static cores.  Seasonal N2 

production rates were highest in spring and fall.  Denitrified nitrate was derived almost 

entirely from benthic nitrification at the Gulf site whereas water column nitrate was more 

important at the Bay site.  Stirred chambers with intact sediment cores were used to 

determine net fluxes O2, N2, nitrate, and ammonium across the sediment-water interface 

during varied degrees of continuous pore-water exchange.  Rates of N2 efflux were 

directly correlated with the extent of pore-water flow increasing from 0.13 mmol N m
-2

 d
-1

 

under diffusion-limited solute transport conditions up to 0.87 mmol N m
-2

 d
-1

 with pore 

water advection.  Mineralized nitrogen was completely converted to N2 gas in Gulf of 

Mexico sediments.  These data provide clear evidence that permeable sediments are 

important in nitrogen removal and N2 production occurs over a continuum of rates 

dependent on bottom current conditions. 
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   Results from a study of benthic nitrogen cycling in two Arctic fjords are presented in 

Chapter 3.  Intact sediment core incubations were used to quantify net fluxes of dissolved 

inorganic nitrogen, organic nitrogen, organic carbon, and oxygen at the sediment-water 

interface.  Rates of gross denitrification, anammox, nitrification, dissimilatory nitrate 

reduction to ammonium, and N2 fixation were quantified using core incubations and slurry 

experiments.  Profiles of dissolved inorganic nitrogen in pore-water, and organic carbon 

and nitrogen in the solid phase, were also obtained.  Net nitrogen losses as N2 ranged from 

152 to 453 µmol N m
-2

 d
-1

 and denitrification comprised 2% to 11% of total carbon 

oxidation.  Rates of anammox ranged from 20 to 51 µmol N m
-2

 d
-1

 and contributed 5% to 

23% of gross N2 generation.  Nitrification rates were as high as 833 µmol N m
-2

 d
-1

 and 

sediments were a substantial source of nitrate to the water column (169 to 393 µmol N m
-2

 

d
-1

 efflux).   Uptake of ammonium (52 to 87 µmol N m
-2

 d
-1

), dissolved organic nitrogen 

(291 to 486 µmol N m
-2

 d
-1

), and dissolved organic carbon (1310 to 2500 µmol N m
-2

 d
-1

) 

was observed.  Benthic nitrogen fixation was estimated at 20 µmol N m
-2

 d
-1

 in one of the 

fjords.  Dissimilatory nitrate reduction to ammonium and net N2O production were not 

detected.  This study provides direct evidence that nitrogen loss rates, mainly via 

denitrification, in Arctic sediments rival those measured in temperate or subtropical 

environments. 

   Chapter 4 describes a study sponsored by the NOAA National Estuarine Research 

Reserve System Graduate Research Fellowship program to investigate nitrogen cycling in 

the Apalachicola River distributary marsh.  Coastal, fringing marshes have been thought 

to remove dissolved inorganic and particulate nitrogen from external sources via benthic 

denitrification and burial, respectively, and to export considerable loads of dissolved 

organic nitrogen (DON) to the greater estuary.  There is, however, little data available 

from tidal freshwater and oligohaline marshes to confirm these hypotheses and benthic 

nitrogen cycling in the Apalachicola National Estuarine Research Reserve (ANERR) 

marsh has not been previously studied.  This work addressed the hypotheses that the 

ANERR marshes comprise a significant sink of river-derived dissolved inorganic nitrogen 

through nitrification-denitrification and burial, and provide a substantial source of nitrogen 

to the Bay as DON.  Denitrification rates were measured between July 2006 and August 

2008 using intact sediment core incubations.  Rates of net N2 flux ranged from 0.23 to 
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1.72 mmol N m
-2

 d
-1

 with a mean of 0.72 mmol N m
-2

 d
-1

 for all sites over the course of 

the study.  Preliminary results indicate that burial of particulate nitrogen (1.46 mmol N m
-2

 

d
-1

) is a larger annualized loss term than denitrification.  A study of tide-driven exchange 

of nitrogen between marsh creeks and river distributaries showed net uptake of nitrate by 

marsh sediments and export of DON. 
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INTRODUCTION 

 

THE MICROBIAL NITROGEN CYCLE 

   Microorganisms play a substantial, and in certain cases exclusive, role in nitrogen 

cycling.  The nitrogen cycle is a continuum of oxidation and reduction reactions between 

compounds having oxidation states ranging from -3 to +5 (Fig. I.1).  While a few non-

biological processes (such as wildfires and lightning) can transform N between various 

species,  natural N cycling is recognized to be mediated primarily through enzymatic 

microbiological processes.  Photosynthetic primary producers, which are the base of most 

food webs, are dependent on nitrogen fixed from N2 in the atmosphere into biologically-

available, reactive forms.  Prokaryotes are the only organisms capable of nitrogen 

fixation and these microbes are essential to life on Earth.  The opposing process- the 

conversion of reactive nitrogen back to N2 gas- is also largely carried out by bacteria.  

This mechanism, called denitrification, is responsible for removing reactive nitrogen 

from ecosystems and maintains a balance in the global nitrogen cycle.  Prokaryotes are 

also essential in other steps in the nitrogen cycle, such as organic matter decomposition 

and ammonium oxidation.  Despite many decades of research on nitrogen 

biogeochemistry, revolutionary discoveries continue to be made in this dynamic, rapidly 

evolving field.  Much work remains in order to better characterize rates of microbial 

nitrogen cycling in nature, determine the global significance of novel metabolic 

processes, and explore the key factors influencing nitrogen transformation pathways.  

The mitigation of anthropogenic environmental impacts in a cost-effective manner also 

requires the development and testing of new hypotheses and applied research on 

microbial nutrient cycling.  This section reviews the major known pathways of the 

nitrogen cycle. 
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Figure I.1.  Nitrogen species and known transformation processes in marine sediments. 

Adapted and modified from Herbert (1999). 

 

Nitrogen fixation 

   The largest reservoirs of nitrogen on Earth are igneous and sedimentary rocks (as 

ammonium) followed by dinitrogen gas (N2) which comprises 78.084% of the 

atmosphere (Canfield et al. 2005).  Dinitrogen gas is stable and requires a high 

disassociation energy to break to its triple bond.  For this reason, N2 is not available to 

most organisms and is reduced to a bioavailable form (ammonium) only by specialized 

prokaryotes (i.e. diazotrophs) through the process of nitrogen fixation.  Microbial 

nitrogen fixation constitutes an important input of “new” nitrogen, that which is not 

derived from the remineralization and recycling of nitrogen, to marine systems.  Fixed 

ammonium can be directly assimilated into organic compounds whereas nitrate and 

nitrite must be enzymatically reduced to ammonium prior to incorporation into cellular 

components.  Dissolved organic nitrogen (DON) is the most abundant pool of N in the 

oceans (with the exception of dissolved N2 gas) and is also an important source of 

nitrogen for phytoplankton and cyanobacteria (Zehr and Ward 2002). 

   Recently, it has been recognized that nitrogen fixation as a source of new nitrogen to 

marine systems has been grossly under-estimated.  Mass balance calculations, deviations 



 3 

in water column nutrient concentrations from Redfield ratios, nitrogenase gene detection, 

and the widespread occurrence of dissolved organic nitrogen in surface layers now 

suggest substantial input of fixed nitrogen via diazotrophy in the upper oceans (Capone 

2001).  The known diversity of microorganisms capable of N2 fixation continues to 

expand and now includes the most abundant cyanobacterial picophytoplankton found in 

the photic zone of the open ocean, Trichodesmium and Synechococcus.   

Nitrogen mineralization 

   The initial decomposition of dead and dying organisms results from the degradation of 

complex macromolecules to lower molecular mass constituents in the dissolved or 

particulate form (Herbert 1999).  These hydrolysis reactions are carried out through the 

enzymatic processes of heterotrophic organisms.  Particulate organic nitrogen (PON) and 

dissolved organic nitrogen can be further degraded by microorganisms to the extent of 

amine group removal (e.g. hydrolysis, decarboxylation, or deamination) to release NH4
+
 

(nitrogen mineralization).  A general assumption is that labile N (such as that derived 

from phytoplankton) is mineralized more rapidly and N contained within refractory and 

recalcitrant organic material (e.g. sea grass lignin) is more likely to become buried in 

sediments (Herbert 1999).  However, this hypothesis has been challenged recently as it 

has been found that refractory organic material is not necessarily older (and thus 

degraded more slowly) than labile fractions, at least in the water column of certain 

estuaries (McCallister et al., 2004). 

Nitrification 

   Ammonium can be oxidized by chemolithoautotrophic microorganisms utilizing NH4
+
 

as a primary electron donor while respiring oxygen.  Complete oxidation of ammonium 

to nitrate (nitrification) is catalyzed by two different groups of organisms, those which 

oxidize ammonium to nitrite (nitrosifying bacteria) and those that oxidize nitrite to nitrate 

(true nitrifying bacteria).  A limited number of ammonium and nitrite oxidizing microbes 

have been identified and all are classified within the α-, β-, and γ-Proteobacteria 

(Madigan et al. 2000) with the exception of one known ammonium-oxidizing 

crenarchaeote (Konneke et al. 2005).  Recently, genetic evidence has demonstrated that 

ammonia-oxidizing archaea are abundant in the marine water column (Francis et al. 
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2005; Wuchter et al. 2006) and may dominate over ammonia-oxidizing bacteria in soils 

(Leininger et al. 2006). 

Denitrification 

   Although the term ‘denitrification’ generally refers to all mechanisms which remove 

reactive nitrogen by the production of gaseous compounds, for our purposes 

denitrification is the microbial, respiratory reduction of nitrate or nitrite to gaseous N2O 

or N2.  The respiratory reduction of nitrate under anaerobic conditions is a widespread 

trait among microorganisms (Herbert, 1999).  Complete denitrification proceeds through 

a succession of steps, 

NO3
-
 → NO2

-
 → NO → N2O → N2 

each catalyzed by specialized enzymes.  Whereas organic and dissolved inorganic 

nitrogen may be readily assimilated or recycled in marine systems, the removal of 

nitrogen via reduction to gaseous compounds is a critical sink in controlling the overall 

fixed N budget (Hulth et al. 2005).  Denitrification largely occurs in anaerobic sediments, 

although nitrate reduction to N2 may also occur under aerobic or micro-aerobic 

conditions (Robertson and Kuenen 1984).  Both heterotrophic and chemolithotrophic 

(e.g. sulfide- and iron-oxidizing) nitrate reducing microorganisms have been identified.  

Denitrification was thought to be exclusively carried out by prokaryotes although one 

benthic foraminifera (a unicellular Eukaryote) has been identified (Risgaard-Petersen et 

al. 2006). 

   Based on free energy calculations summarized in Table I.1, reactions 1 to 11 should be 

prominent in surficial marine sediments with nitrite reduction to N2 coupled with 

hydrogen oxidation being most favorable (with the exception of iron oxidation to 

amorphous ferrihydrite) and respiratory nitrate reduction to ammonium being least 

favorable of these reactions.  The free energy changes presented here were calculated 

using standard state conditions of 25 
o
C, 1 atm, and 1 molar activity of all reactants and 

products.  
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Table I.1. Balanced equations and free energy change (ΔG
0
) calculations at standard 

conditions for nitrate and nitrite respiration reactions important in marine environments. 

 
no. reaction description balanced equation 

(normalized to four e
-
 transfers) 

ΔG
0 

kJ/mole 

1 nitrate red. w/ iron oxidation 4Fe
2+

 + 4/5NO3
-
  + 12/5H2O + 36/5OH-    4Fe(OH)3 + 2/5N2 

 

-690 

2 nitrite red. w/ hydrogen ox. 2H2 + 4/3NO2
-
 + 4/3 H

+
   2/3N2 + 8/3H2O -582 

3 nitrite red. w/ glucose ox. 1/6C6H12O6 + 4/3NO2
-
 + 1/3H

+
   HCO3

-
 + 2/3N2 + 2/3H2O 

 

-542 

4 nitrite red. w/ acetate ox. 1/2C2H3O2
-
 + 4/3NO2

-
 + 5/6H

+
    HCO3

-
 + 2/3N2 + 2/3H2O -511 

5 nitrate red. w/ hydrogen ox. 2H2 + 4/5NO3
-
 + 4/5H

+
    2/5N2 + 12/5H2O -480 

6 an. amm. ox. 4/3NO2
-
 + 4/3NH4

+
    4/3N2 + 8/3H2O -477 

7 nitrate red. to N2 w/ sulfide ox. 1/2HS
-
 + 4/5NO3

-
 + 3/10H

+
    1/2SO4

2-
 + 2/5N2 + 2/5H2O -384 

8 nitrate red. w/ acetate ox. 1/2C2H3O2
-
 + 4/5NO3

-
 + 3/5H

+
    HCO3

-
 + 2/5N2 + 1/5H2O -360 

9 nitrate red. w/ glucose ox. 1/6C6H12O6 + 4/5NO3
-
    HCO3

- 
+ 2/5N2 + 2/5H2O + 1/5H

+
 -345 

10 DNRA w/ hydrogen ox. 2H2 + 1/2NO3
-
 + H

+
   1/2NH4

+
 + 3/2H2O -340 

11 DNRA w/ sulfide ox. 1/2HS
-
 + 1/2NO3

-
 + 1/2H

+
 + 1/2H2O    1/2SO4

2-
 + 1/2NH4

+
 -232 

12 nitrate red. to N2 w/ Mn ox. 2Mn
2+

 + 4/5NO3
-
  + 8/5H2O   2MnO2 + 2/5N2 + 16/5H

+
 -5.7 

13 nitrate red. w/ iron oxidation 4Fe
2+

(aq) + 4/5NO3
-
 +12/5H2O    4Fe

3+
(aq) + 2/5N2 + 24/5OH

-
 +200 

 

However, concentrations of substrates and products for respiratory nitrate/nitrite 

respiration are rarely found in equal proportion and almost always much lower than 1M.  

Standard state conditions also do not take into account a relevant [H
+
].  Many of these 

reactions are therefore not thermodynamically favorable for growth at pH conditions and 

dissolved inorganic nitrogen concentrations found in marine sediments. 

   Dissimilatory reduction of nitrate and nitrite to N2 (denitrification) coupled with 

oxidation of low molecular weight organic carbon or hydrogen (2-5, 8, 9 in Table I.1) are 

respiratory reactions carried out by a wide variety of microorganisms.  These organisms 

are non-monophyletic and denitrifiers currently have been identified within more than 50 

genera of the Bacteria and Archaea and some species of fungi.  Most of these organisms 

are facultative anaerobes and utilize numerous different types of electron donors.  

Pseudomonas and Bacillus species are among the best-known denitrifiers likely due to 

our ability to readily grow them in pure culture.  The known diversity of complete 

denitrifying, sulfide oxidizing organisms (reaction 7) is limited and includes Thiobacillus 

denitrificans, Thermothrix thiopara, Thiomicrospira denitrificans, and members of the 

Paracoccus genus.  Thiobacillus denitrificans is the best-characterized of these and is a 

neutrophilic obligate chemolithoautotroph also capable of anaerobic iron oxidation.  The 

ability to oxidize ferrous iron coupled with nitrate respiration (reactions 1,13) is 
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reportedly widespread amongst the Proteobacteria and the known phylogenetic 

distribution of this physiology will likely increase with improved cultivation techniques. 

The reduction of nitrate to ammonium coupled with manganese oxidation (reaction 12) 

appears to be an important microbial processes based mainly on observations of sediment 

geochemistry (Luther et al. 1997).  Although heterotrophic Mn-oxidizing bacteria have 

been isolated and characterized, no known organism can grow solely by 

chemolithoautotrophic Mn oxidation (Hulth et al. 2005). 

Anaerobic ammonium oxidation 

   Within the last 15 years, anaerobic microbial oxidation of ammonia (anammox) 

coupled with nitrite reduction to form N2 has been observed in a many different marine 

sediments (Thamdrup and Dalsgaard 2002; Tal et al. 2005; Trimmer et al. 2005; Koop-

Jakobsen and Giblin 2009).  The distribution of marine anammox bacteria remains under-

explored although in certain suboxic regions of the marine water column, anammox may 

be a major pathway for nitrogen loss (Kuypers et al. 2005a; Lam et al. 2009).  Members 

of the Planctomycetales order are the only organisms known to carry out 

chemolithotrophic anaerobic ammonium oxidation (Strous et al. 1999) (reaction 6, Table 

I.1).  Although these organisms have not yet been purified, the best-studied examples 

from enrichment cultures are Brocadia anammoxidans, Kuenenia stuttgartiensis, 

Scalindua sorokinii, and Anammoxoglobus propionicus.  These taxa were found initially 

in nitrate removal reactors of sewage treatment plants and marine strains of Scalindua 

and Anammoxoglobus have now been identified (Schmid et al. 2003; Kartal et al. 2007; 

Schmid et al. 2007).  Genomic analyses indicate K. stuttgartiensis can fix carbon dioxide 

apparently via the acetyl-CoA pathway and may also be capable of iron and manganese 

reduction (Strous et al. 2006).  Anammox bacteria have extremely slow growth rates and 

have meso- to slightly psychrophilic temperature optima (Francis et al. 2005).  Little else 

is known about the physiologic diversity of anammox organisms. 

Dissimilatory nitrate reduction to ammonium 

   Dissimilatory nitrate reduction to ammonium (DNRA) refers to those reactions which 

produce NH4
+
 from NO3

-
 during catabolic metabolism.  DNRA has been shown to be a 

true respiratory reaction for certain hydrogen-oxidizing, sulfate-reducing bacteria 
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(reaction 10), such as Desulfovibrio and Desulfobulbus (Seitz and Cypionka 1986), and 

sulfide-oxidizing bacteria of the Sulfurospirillum and Thioploca genera (reaction 11).  

Other, non-respiratory nitrate ammonification pathways include nitrite detoxification 

mechanisms or nitrate reduction as an electron sink for fermentative reactions (Cole 

1990).  These processes have been described in a number of benthic marine 

environments, although the overall importance of nitrate dissimilation to ammonium in 

net nitrate consumption is still uncertain (Zehr and Ward 2002).  DNRA may be 

particularly prevalent in seagrass beds (Rysgaard et al. 1996; Welsh et al. 2001), shallow 

lagoons (An and Gardner 2002), and coastal hypoxic zones (Gardner et al. 2006).  It is 

noteworthy that some bacteria apparently produce N2O as a byproduct of DNRA (Kaspar 

and Tiedje 1981). 

 

PRIMARY CONTROLS ON NITROGEN CYCLING IN MARINE SEDIMENTS 

   The focus of this dissertation is the biogeochemistry of nitrogen in coastal sediments; 

thus, known controls of benthic marine nitrogen cycling are reviewed here.  Nitrogen 

fixation in sediments is catalyzed by specific groups of photosynthetic prokaryotes, 

facultative anaerobes, sulfate reducers, methanogens, and chemolithoautotrophs spanning 

100 genera of Bacteria and Archaea (Canfield et al. 2005).  Although the enzymatic 

conversion of N2 to NH4
+
 is an ATP-consuming reaction and has a high energy demand, 

nitrogen-fixing microbes have a competitive advantage in environments limited in fixed 

N.  It would follow that active N fixation in ammonium-rich sediments does not convey a 

competitive advantage.  However, N2 fixation rates in experiments in which NH4
+
 levels 

were manipulatively increased or lowered have not definitively demonstrated whether 

ammonium is a primary factor in controlling N2 fixation rates (Capone and Carpenter 

1982; Welsh et al. 1997).  The importance of benthic phototrophic vs. heterotrophic 

nitrogen fixation is dependent on the availability of light and organic carbon substrates.  

For example, in shallow benthic systems, where light is not limiting, phototrophic 

diazotrophs (e.g. cyanobacteria) can out-compete heterotrophic N2-fixers in environments 

where organic carbon and nutrients are in limitation (Herbert 1999).  Nitrogen fixation in 

the water column is thought to be limited by the availability of iron and/or phosphorous 
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(Capone 2001; Deutsch et al. 2007b); enzymatic cofactor and macronutrient limitations 

on benthic nitrogen fixation are largely unexplored. 

   Long-term removal of nitrogen from an ecosystem is mediated in part by N2-producing 

microbial processes such as those shown in reactions 1-9, 12, 13 (Table I.1 above).  With 

the exception of rare reports of aerobic denitrification, N2-producing respiratory 

processes occur under anaerobic conditions; thus oxygen is a primary control on 

denitrification.  Denitrification also requires a supply of nitrate or nitrite.  In the absence 

of significant exogenous nitrate input from the water column, nitrate for denitrification is 

derived from the activity of aerobic ammonium oxidizing microbes living in proximity 

with anaerobic denitrifiers (Joye 2002).  Nitrifying bacteria must compete with other 

aerobic benthic organisms for O2.  Thus, when denitrification is coupled with nitrification 

under low-nitrate conditions the supply of oxygen to ammonium oxidizing microbes is 

the primary rate-limiting processes for nitrification-denitrification.  Although high 

organic matter loading will result in greater NH4
+
 availability (via mineralization) and C 

substrate availability for denitrifiers, most evidence indicates that increased sediment O2 

demand following high organic matter deposition will limit nitrification-denitrification.  

Where the supply of organic material to denitrifying organisms is not limiting, 

denitrification rates in sediments having high allochthonous nitrate loading via the water 

column increase proportionally with overlying [NO3
-
]. 

   The activity of benthic animals and rooted plants can have significant impacts on the 

nitrogen cycle in coastal marine sediments.  These processes include the alteration of 

oxic-anoxic boundaries, changing carbon substrate availability, and competition for 

dissolved inorganic nitrogen.  The irrigation of burrows has been shown to enhance 

denitrification likely through the introduction of oxygen into deep sediment layers which 

stimulates nitrification-denitrification (Pelegri et al. 1994; Mayer et al. 1995).  Aeration 

of sediments by macrofauna can also indirectly enhance nitrification through the 

stimulation of Fe
3+

 respiration and resulting relief of sulfide inhibition of nitrification 

(Dollhopf et al. 2004).  Higher rates of nitrification-denitrification are observed in 

vegetated vs. non-vegetated sites likely due to O2 efflux from roots and the excretion of 

labile organic matter (Caffrey and Kemp 1990; Caffrey and Kemp 1992).  However, 

these processes are likely to vary seasonally as plant uptake of ammonium during rapid 
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growth can limit nitrification-denitrification whereas competition for DIN is relieved 

during periods of slow plant growth (Hamersley and Howes 2005).  Similar competition 

for ammonium between microphytobenthic organisms and nitrifiers can also limit 

nitrification-denitrification in the absence of high NH4
+
 or NO3

-
 influx (Risgaard-

Peterson et al. 1994). 

  Benthic dissimilatory nitrate reduction to ammonium can be thought of as an internal 

cycling process which prevents the loss of nitrate that might otherwise be denitrified to 

N2 or N2O.  This recycling of DIN can have the effect of severely slowing nitrogen 

removal by denitrification and preventing ecosystem recovery in areas impacted by 

nitrogen pollution.  The relative proportion of respiratory vs. non-respiratory DNRA in 

sediments is currently understudied and it is not well-known which factors influence 

respiratory or non-respiratory DNRA or both.  One factor controlling overall rates of 

DNRA, and the competition between denitrifying nitrate respiration vs. DNRA, appears 

to be water column nitrate concentrations as evidence shows that under low nitrate 

conditions DNRA will out compete denitrification (Brandes et al. 2007).  There is also 

evidence that high levels of HS
-
 result in nitrate reduction to ammonium over 

denitrification to N2 (An and Gardner 2002; Gardner et al. 2006).  Elevated water column 

sulfide concentrations likely favor sulfide oxidizing DNRA organisms (e.g. Thioploca) 

and inhibit nitrification-denitrification.  Microbial oxidation of sulfide coupled with 

nitrate reduction occurs in sediments where HS
-
 diffusing from sulfate reducing zones 

intersects nitrate diffusing from nitrifying zones (or from the overlying water column).  

Autotrophic sulfide oxidizing organisms can form thick mats on the ocean floor, likely 

only limited by HS
-
 and NO3

-
, and have a significant role in global C, S, and N cycles 

(Prokopenko et al. 2005).  It is not clear what factors determine whether sulfide oxidation 

coupled with nitrate reduction results in ammonium vs. N2 production.  Nitrate respiring, 

iron oxidizing bacteria have been described recently and are thought to be widespread in 

marine sediments (Hulth et al. 2005).  The low energy yield from these reactions 

typically restricts iron oxidizing denitrifiers to less than 1% of denitrifying communities. 

     Controls on overall rates of anaerobic ammonium oxidation to N2 (anammox) in 

marine environments are largely unknown.  Anammox organisms can tolerate exposure 

to oxygen although their growth is strictly anaerobic (inhibited by O2).  The 
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stoichiometry of anammox 
15

N-N2 production with 
15

N-nitrate and 
15

N-nitrite tracers 

demonstrated that anammox utilizes nitrite as an oxidant, and not nitrate, during 

ammonium oxidation.  Anammox organisms therefore depend on NO2
-
 and NH4

+
 

supplies.  However, there is scant evidence for a clear correlation between the availability 

of these substrates and overall anammox rates.  Two of the few observed factors 

correlating with overall anammox rates appear to be water column depth and the organic 

content of sediments (Dalsgaard and Thamdrup 2002).  Water depth and sediment 

organic matter (OM) loading are connected in that with greater water column depth, 

proportionally more OM is mineralized while sinking and OM loading in deep sediments 

is less.  Higher anammox rates have been observed with higher OM loading in sediments 

possibly due to higher denitrification rates and NO2
-
 production with greater OM content.  

Greater OM loading and decomposition would likely increase NH4
+
 availability, although 

the anammox reaction is thought to be NH4
+
-saturated in shallow sediments.  Overall 

anammox rates have been observed to increase in direct proportion to bottom water NO3
-
 

concentrations.  One possible explanation is that elevated overlying [NO3
-
] (or increased 

nitrification) would result in deeper penetration of [NO3
-
] and a broader denitrification 

zone which would in turn supply more NO2
-
 for use by anammox bacteria.  However, 

sediment pore-water nitrate and nitrite concentrations are not always directly linked to 

bottom water nitrate concentrations and the reason for the observed correlation between 

anammox rates and overlying [NO3
-
] remains unclear. 

     The proportion of N2 produced via anammox vs. denitrification in marine systems has 

been measured for a number of ecosystems (Hulth et al. 2005).  However, the exact 

mechanisms which determine the relative significance of these processes are currently 

not clear.  Measured rates of gross N2 production by anammox in sediments are generally 

less than 11 nmol cm
-3

 h
-1

 and are typically highest at shallower depths.  However, in 

deep-water sediments, observed anammox rates can be comparable to shallow sites.  

Denitrification rates in marine sediments have a wider range (~ 0.1 to 150 nmol cm
-3

 h
-1

) 

and are higher at shallow depth and much lower with greater water depth.  In shallow-

water sediments, organic matter loading appears to stimulate both anammox and 

denitrification but enhances heterotrophic denitrification to a greater extent.  

Denitrification may also predominate over anammox in shallow environments due to the 
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extremely slow growth rate of anammox bacteria and the longer period likely required to 

colonize shallower, more turbulent environments.  Therefore, as anammox rates are 

variable but generally low, and denitrification is generally slow at deep water depths and 

fast in shallow water, it was thought that anammox constitutes a higher fraction of N2 

production with increasing depth (Figure I.2).  Recent evidence suggests that adaptation 

to lower temperatures may also be a significant factor in allowing anammox to better 

compete for inorganic nitrogen species in deep, cold environments (Rysgaard et al. 2004) 

(Figure I.2). 

 

 

Figure I.2.  Anammox N2 production as a function of depth and temperature. 

Data adapted and amended from Dalsgaard et al. (2005) are plotted as the percentage of 

total N2 production. 

 

 

   Anammox has also been demonstrated to be important for N2 formation in water 

column oxygen minimum zones (OMZ’s) (Kuypers et al. 2005a; Lam et al. 2009).  

Nutrient-rich upwelling water in OMZ’s has sufficient organic carbon, ammonium, 

nitrate, and nitrite to support both denitrification and anammox.  It was hypothesized that 

anammox organisms have a competitive advantage due to frequent incursions of aerobic 

water into oxygen minimum zones.  It is likely that aerotolerant anammox bacteria 

simply lie dormant during periods of elevated [O2] whereas denitrification gene 

expression in facultative anaerobic denitrifying organisms is controlled by oxygen.  Thus, 

with temporary incursions of O2, denitrifiers are forced to slowly switch from nitrate 
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reduction to the induction of aerobic respiration enzymes, then back a nitrate reduction 

pathway, whereas anammox processes recover more quickly. 

METHODOLOGICAL ADVANCES IN THE DIRECT DETERMINATION OF N2 PRODUCTION 

   The purpose of this section is to review the major advantages and disadvantages of 

denitrification rate determination techniques, when applied to varied hypotheses and 

environments, and to provide context for the methods used in this dissertation research.  

The detection of microbial N2 production and consumption in the environment is 

hindered by the fact that N2 is nearly ubiquitously on Earth’s surface owed to its 

predominance in the atmosphere (78.084% by volume in dry air) and high solubility in 

water.  Although the cumulative effects of microbial N2 transformations control the 

global nitrogen balance, reactions rates are slow relative to our ability to detect changes 

in N2 on temporal and spatial scales relevant to lab and field experiments.  As an 

example, in a typical 10-hour core incubation consisting of aquatic sediment with 10 cm 

overlying water and a net N2 efflux of 200 µmol N m
-2

 d
-1

, the dissolved N2 concentration 

of the overlying water would change from 531.17 to 531.61 µmol L
-1

 (at 20
o
C and 0 ppt) 

or only 0.08%.  A level of precision required to measure such a small change is not 

readily attained by traditional methods for measuring gas concentrations (i.e. gas 

chromatography), and thus many early techniques employed various approaches to 

circumvent the need for directly measuring small changes of N2 over high background 

concentrations.  Recently, advances in high-precision mass spectrometer technology, and 

decreasing equipment costs, have led to the development of improved methods for 

directly measuring net and gross N2 production and consumption rates. 

Traditional indirect and direct methods 

   Methods based on indirect evidence for gaseous nitrogen loss have provided the 

majority of denitrification rate data available to date.  Stoichiometric approaches for 

estimating denitrification are applied by measuring the production of mineralization 

products, organic carbon oxidation rates (measured as DIC production or estimated from 

total oxygen consumption), and measuring (or assuming) the elemental ratios of organic 

matter undergoing mineralization.  Differences between expected and observed release of 

dissolved inorganic nitrogen (DIN) are taken as evidence of nitrogen loss via N2 
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production, thus allowing the calculation of denitrification rates.  Stoichiometric 

approaches have been applied to water column measurements as well as core incubation 

experiments and have the advantage of integrating denitrification over large areas.  

Incorrect assumptions about the stoichiometry of respiratory reactions, and of the organic 

matter being oxidized, however, can lead to considerable error.  Uncertainties in using 

oxygen consumption as a proxy for total organic carbon turn-over also present a 

challenge.  Other indirect approaches to estimating denitrification include steady-state 

modeling of nitrate and ammonium pore water profiles, and mass balance calculations 

based on measurements, or estimates, of fluxes and storage of all non-gaseous nitrogen 

species (Cornwell et al. 1999; Groffman et al. 2006). 

   In contrast to indirect methods, direct denitrification rate determinations involve the 

detection and measurement of denitrification products, i.e. N2 and N2O.  The acetylene 

inhibition (or ‘acetylene block’) method is one of the most frequently applied direct 

techniques for measuring denitrification rates and is based on the inhibition by acetylene 

of N2O reduction to N2.  In the presence of acetylene, denitrification terminates with NO 

reduction to N2O, and thus the accumulation rate of N2O gives an indication of the 

denitrification rate.  Natural concentrations of N2O in the environment are typically very 

low whereas its detection by gas chromatography is quite sensitive; thus N2O is a suitable 

analyte for rapid and cost-effective denitrification rate determinations.  In situ chambers, 

sediment cores, slurries have been used with the acetylene inhibition method in terrestrial 

soil, aquatic, and marine systems.  Although this technique has been useful in obtaining 

large amounts of denitrification rate data from a wide variety of environments, substantial 

problems were discovered.  These include the non-target inhibition of nitrification, 

suppressing the detection of coupled nitrification-denitrification, and diminished 

inhibition in the presence of sulfide.  Thus, many data obtained using the acetylene 

inhibition methods are considered unreliable for the accurate determination of in situ 

denitrification rates (Cornwell et al. 1999; Groffman et al. 2006).  This technique has 

proven to be useful, however, in assessing for denitrification potential and general 

comparisons during manipulative experimental treatments (Dollhopf et al. 2004). 

   The direct detection of N2 production against a high background presents a substantial 

challenge, as mentioned above.  One approach to circumventing this problem has been 
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the removal or flushing of ambient N2 from the sediment prior to an incubation 

experiment.  This is achieved by routinely exchanging water overlying the sediment (in 

cores of benthic chambers) with N2-free water.  After many days of N2 removal, 

concentrations are then sufficiently low for changes in N2 (e.g., over approximately 24 

hours) to be detectable by gas chromatography.  Although a few laboratories have 

achieved gas chromatography measurements of N2 with precision of < 0.5% coefficient of 

variation, these direct N2 detection methods suffer from fundamental drawbacks resulting 

from residual pore-water N2 diffusion and extended time requirements (i.e. consumption 

of labile organic matter during the equilibration and oxygen depletion during the 

experiment).  Thus, the utility of this approach is severely limited (Seitzinger 1988; 

Cornwell et al. 1999). 

N2:Ar ratio quantification 

   In recognition that most applications of direct N2 measurements require precision 

greater than that attainable by gas chromatography, mass spectrometry-based detection 

methods have come into wide use in denitrification experiments.  Mass spectrometers offer 

not only higher sensitivity but also greater versatility and increased speed relative to other 

gas analysis methods (Cornwell et al. 1999).  A membrane inlet system allows for dissolved 

gas analyses by gas extraction through a gas-permeable membrane, avoiding the need for 

sample pretreatment or sample equilibration.  Membrane inlet systems for the introduction 

of gas samples in mass spectrometry applications have been used widely for many decades, 

particularly in medical and biotechnology research (e.g., Bohátka 1997).  Kana et al. (1994) 

advanced this technology for benthic N2 flux studies by combining membrane inlet mass 

spectrometry (MIMS) with ion ratio detection and calibration methods for [N2] detection 

precision of < 0.2% coefficient of variation. 

   During an experiment using MIMS detection of dissolved N2 concentrations, samples 

are collected and analyzed for dissolved N2:Ar ratios.  The argon concentration during a 

closed system experiment is assumed to be unaffected by biological processes and thus 

observed differences in N2:Ar can be attributed to changes in N2 concentrations.  N2:Ar 

detection is calibrated using aqueous standards of known temperature and salinity where 

dissolved gas concentrations can be calculated from gas solubility tables.  Although most 

commonly used in closed-system sediment core incubations, dissolved N2:Ar detection 
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has also been applied to ecosystem-scale observations in open systems (Laursen and 

Seitzinger 2005; Kana et al. 2006).  Results of the N2:Ar approach quantify the sum of all 

processes affecting N2 concentrations and rates determined using N2:Ar are considered 

net changes.  An et al. (2001) have also adapted MIMS detection of N2:Ar with 
15

N tracer 

studies for distinguishing rates of multiple pathways such as denitrification and N2 

fixation. 

   Maintaining constant argon concentrations, or having independent knowledge of the 

dissolved argon behavior during an experiment, is the major challenge in N2:Ar-based 

experiments as very small changes in dissolved Ar can impart large apparent changes in 

calculated N2 concentrations.  Gas bubble formation (e.g., O2, CO2, or CH4)  and changes 

in temperature and salinity are the most common environmental factors affecting 

dissolved argon concentrations, particularly in coastal benthic studies (Kana et al. 1994).  

Problems inherent with MIMS detection systems, such as the differential extraction of 

gases through the membrane, ion fragmentation and recombination (Eyre et al. 2002), 

and mass detection biases, may also lead to substantial error.  These drawbacks can all be 

addressed during experimental design and thus N2:Ar detection has gained acceptance as 

one of the most useful methods in high-precision N2 flux studies. 

Nitrogen stable isotope pairing techniques 

   Although tracking the conversion of 
15

N-enriched substrate into N2 was used for 

measuring soil denitrification as early as the 1950’s (e.g., Hauck et al. 1956), Nielsen 

(1992) is most often-cited for developing the isotope pairing technique (IPT) equations 

used to quantify rates of N2 production in marine sediment core incubations with 
15

NO3
-
 

tracer additions.  In this approach, 
15

NO3
-
 which is added to water overlying sediment 

core mixes with 
14

NO3
-
 present in the water column and sediment pore-water; N2 species 

having the m/z 28 (
14

N
14

N), 29 (
14

N
15

N), and 30 (
15

N
15

N) are then produced during 

denitrification in proportion to the frequency of 
15

N in the nitrate mixture undergoing 

reduction.  Genuine N2 production (D14; the rate without tracer addition) is estimated 

from the production of excess 
29

N2 and 
30

N2.  (The term ‘excess’ is used to differentiate 

between 
29

N2 and 
30

N2 produced from natural abundance 
15

N vs. that derived from tracer 

labeling.)  The rate of tracer reduction to N2 is calculated from the 
15

N-labeled N2 

production rates: 
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D15 = p
29

N2 + (2 × p
30

N2). 

The genuine 
28

N2 production rate is then calculated from the rate of 
15

N-N2 production, 

D14 = D15 × f14/f15 

where f14 and f15 are the frequencies of 
14

N and 
15

N in the nitrate being reduced.  Since 

the pore-water nitrate being reduced can be derived from both the water column and 

benthic nitrification, these frequencies cannot be measured directly in cores.  The 

frequencies are instead estimated from the ratio of 
29

N2 and 
30

N2 generated.  
29

N2 and 
30

N2 

are produced with the probabilities 2f14f15 and (f15)
2
, respectively, and are related as: 

p
29

N2/p
30

N2 = (2f14f15)/(f15f15) 

or, 

f14
/
f15 = 

29
N2/(2

30
N2). 

These equations: 

D14 = D15 × f14/f15, 

D15 = p
29

N2 + 2 × p
30

N2, and 

f14
/
f15 = p

29
N2/(2 × p

30
N2) 

are combined to give the genuine denitrification rate: 

 D14 = [p
29

N2 + 2 × p
30

N2] × [p
29

N2/(2 × p
30

N2)] 

Nielsen (1992) also goes on to separate out the rates of denitrification based on water 

column nitrate vs. nitrification-denitrification.  This partitioning has since been 

discouraged due to possible non-uniform mixing of 
15

NO3
-
 added and 

14
NO3

-
 produced in 

situ (Middelburg et al. 1996). 

   Three main assumptions must be met for the IPT method to be valid: 1) The addition of 

15
NO3

-
 does not alter the genuine (D14) production rate.  This can be tested using parallel 

experiments with multiple concentrations of 
15

NO3
-
.  2) Mixing of 

15
NO3

-
and

 14
NO3

-
 in 

the water column and sediment must be homogeneous and constant.  This assumption is 

met only when nitrification and denitrification occur in distinctly separate zones.  

Microsites, burrows, bioturbation, and other sources of heterogeneity all interfere with 

denitrification rate calculations.  The problem of non-heterogeneous mixing of 
15

NO3
-
and

 

14
NO3

-
 was recently emphasized by the recent paper demonstrating an underestimation of 

denitrification likely due to poor diffusion of 
15

NO3
-
 into microsites of nitrification-

denitrification within burrows (Ferguson and Eyre 2007).  These problems are still not 
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resolved.  3) A stable nitrate concentration gradient across the sediment-water interface 

must be established shortly after 
15

NO3
-
 addition.  A brief pre-incubation period or simply 

using the linear portion of 
15

N-N2 production alleviates this problem. 

   At the time the IPT was popularized by Nielsen (1992), anammox was not known in 

marine environments as a pathway for N2 production.  Risgaard-Peterson et al. (2003) 

recognized that N2 production by anammox within incubation experiments violates at 

least two assumptions of the Nielsen (1992) IPT method: 1) the assumption that 
14

N-N2 

production is independent of the 
15

NO3
-
 added; and 2) and the assumption of binomial 

distribution of 
28

N2, 
29

N2, and 
30

N2 produced.  These violations due to anammox impose 

an error in the IPT calculations resulting in an overestimation of denitrification.  A 

primary challenge in calculating genuine N2 production using IPT is estimating the 

fraction of 
15

N in NOx
-
 undergoing reduction (r14).  Risgaard-Peterson et al. (2003) 

offered two methods to estimate r14 and correct for the anammox error.  The first 

approach is to measure the fractional contribution of anammox to total N2 production (ra) 

using anoxic slurries.  The ra value is then applied to an equation to obtain r14, thus 

allowing for corrected denitrification IPT calculations based on 
29

N2 and 
30

N2 production: 

r14 = [R29(1-ra) - ra]/(2-ra), and 

p14 = 2r14[p29 + p30(1-r14)], 

where R29 is the ratio between 
29

N2 and 
30

N2 production.  The second approach involves 

performing parallel core incubation experiments using different concentrations of 
15

N 

tracer to estimate r14.  This method assumes that the production of 
28

N2 from anammox is 

independent of the 
15

NO3
-
 tracer addition and 

15
N-N2 production has a linear relationship 

with the [
15

NO3
-
] added.  These relationships allow for the calculation of r14 followed by 

the calculation of genuine 
14

N-N2 from denitrification. 

V = [
15

NO3
-
]1/[

15
NO3

-
]2 

V = (p29
(1)

 + 2p30
(1)

)/(p29
(2)

 + 2p30
(2)

) 

r(1)14 = (p29
(1)

 - Vp29
(2)

)/(p30
(1)

 - V
2
p30

(2)
) 

p14 = 2r14(p29 + p30(1-r14)) 

 

   Shortcomings of this anammox correction method have been noted.  In one case, the 

application of ra from slurries to IPT core experiments failed to eliminate the dependence 
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of p14 on [
15

NO3
-
] which should not occur with the Risgaard-Peterson correction; it was 

not clear why this was the case although bioturbation was implicated (Trimmer et al. 

2006).  One can also argue that applying a ‘potential’ ra value from slurries to correct for 

anammox in intact cores may not be valid if anammox is enhanced or diminished in 

slurries due to the manipulation of the geochemical conditions (Gihring, unpublished).  

Calculating ra using multiple 
15

NO3
-
 additions is also thought to be problematic due to 

heterogeneity amongst cores; i.e. the proportion of anammox may vary from core to core 

(Trimmer et al. 2006).  

   Anoxic slurry incubations using sediments amended with combinations of 
15

N-nitrate 

and 
15

N-ammonium is a common, simple method for detecting anammox activity and 

determining the proportion of gross N2 production via anammox vs. denitrification 

(Thamdrup and Dalsgaard 2002).  By demonstrating definitively that anammox produces 

N2 by the one-to-one coupling of an N atom from ammonium and an N atom from nitrite, 

Thamdrup and Dalsgaard (2002) showed that the calculation of anammox and 

denitrification could be made using predicted rates of 
28

N2, 
29

N2, and 
30

N2 production 

based on the fraction of 
15

N in the nitrate pool.  Denitrification is calculated as a function 

of the 
30

N2 production rate times the inverse square of Fnitrate: 

Dtotal (denitrification) = (p30)(Fnitrate)
-2

 

where 

p30 = production rate of excess 
30

N2, 

and 

Fnitrate = ([NO3
-
]sw+tracer [NO3

-
]sw) / ([NO3

-
]sw + tracer). 

Anammox is also calculated from 
15

N-nitrate addition experiments, assuming that 
29

N2 in 

excess of that predicted from denitrification, using the measured Fnitrate, is due to 

anammox: 

Atotal (anammox) = (p29)(Fnitrate)
-1

 - (Dtotal)(2)(1-Fnitrate). 

 

   A second type of anammox calculation is done using incubations with 
15

N-ammonium 

additions.  Rates are calculated based on changes in 
15

NH4
+
 concentration (corrected for 

assimilation rates) and the fraction of 
15

N in the ammonium pool: 

 Atotal = (-D[
15

NH4
+
]corr)(Fammonium

-1
) 
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The method outlined by Thamdrup & Dalsgaard (2002) is simple and effective for 

quickly measuring the relative contribution of anammox to total N2 production using only 

a limited number of slurry incubations.  The Thamdrup & Dalsgaard (2002) equations 

were specifically designed for measuring rates of 
15

N-N2 production in anoxic bag or 

slurry incubations.  For core incubations, using these equations directly will not estimate 

genuine 
28

N2 production under most conditions. Unless it can be demonstrated that r14 is 

equal to the measured F-ratio of the overlying water, the cores are anoxic, and 

nitrification is inhibited, these equations are not applicable to core incubations.  In cores 

with 
15

N-nitrate amendment, anammox will be overestimated due to nitrification-

denitrification; this error occurs because nitrification-denitrification results in 
29

N2 in 

excess of that predicted for denitrification from the measured Fnitrate.  For this reason, 

methods for measuring genuine N2 production attempt to estimate r14 in the nitrate pool 

being reduced.  Other methods, such as Risgaard-Peterson (2003), are more appropriate 

for calculating genuine N2 production in cores. 

   Experiments using intact sediment cores and sieved sediment demonstrated that the 

Risgaard-Peterson (2003) method cannot always correct IPT calculations for anammox 

and underestimates the contribution of anammox to N2 production (Trimmer et al. 2006).  

In this study, problems due to sediment heterogeneity and bioturbation likely led to the 

inability to properly estimate the 
15

N-labeling of the nitrate pool being reduced (Trimmer 

et al. 2006).  Heterogeneity across cores (i.e. variability in the proportion of anammox 

from core to core) was also thought to cause low precision and underestimation of 

anammox. 

   As with other methods developed for applying the IPT to intact cores (e.g. the original 

Nielson method and the Risgaard-Peterson technique), a newer method for estimating 

genuine N2 production proposed by Trimmer et al. (2006) address the problem of 

understanding the ratio of 
14

NO3
-
 to 

15
NO3

-
 being reduced (r14).  Estimating r14 from 

15
N-

N2 production is complicated by the fact that multiple, competing processes will form N2 

from nitrate.  The Trimmer et al. (2006) IPT method proposed that production of 
15

N-

N2O from 
15

N-NO3
-
 can be used to correct the IPT for anammox.  This correction is 

based on the assumption that denitrification will produce 
15

N-N2O whereas anammox 

will not.  Since only a single process is producing N2O from nitrate, the binomial 
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production of 
44

N2O, 
45

N2O, 
46

N2O should better reflect r14 (r14 = p
45

N2O/2p
46

N2O) 

than
15

N-N2 production.  Differences in the distribution of 
15

N in the N2O and N2 pools 

with 
15

NO3
-
concentration series were also used to validate the 

15
N-N2O method where 

anammox contribution is low.  This method will reportedly allow for the close estimation 

of genuine N2 and anammox production even in a variety of sediments with high or low 

ra and heavily bioturbated (heterogeneous) sediments.  Another benefit from using the 

15
N-N2O technique is that r14 can be calculated for individual cores whereas the Risgaard-

Peterson method assumes a constant contribution of anammox across all cores and 

slurries.  The production of N2O from nitrification, and subsequent dilution of 
15

N-N2O, 

was said to be negligible, although this may only hold true in the sites studied by 

Trimmer et al. (2006). 

 

   In this dissertation, a combination of N2:Ar and isotope tracer techniques was used for 

determining net N2 fluxes and gross N2 production rates within intact core and slurry 

incubation experiments.  The primary analytical tool was a membrane inlet mass 

spectrometer consisting of a commercially-available silicone inlet and cryotrap assembly 

(Bay Instruments, Maryland) in conjunction with an Omnistar QMS 200 quadrupole mass 

analyzer (Pfeiffer, Germany).  For N2:Ar samples, the detection of ions with m/z 28 and 

40 was accomplished using a faraday detector; measurements were calibrated using a 

water standard of known salinity and temperature maintained in equilibrium with air 

(Kana et al. 1994).  Changes in N2:Ar resulting from sample withdrawal and replacement 

with aerated water in batch core incubations were corrected using the calculations 

published in the PhD dissertaion of Stefan Hulth.  Signal amplification using a secondary 

electron multiplier (SEM) was required for ions with m/z 28, 29, and 30 in 
15

N tracer 

samples.  Standards consisted of multiple flasks with water of the same salinity and 

varied temperature (An et al. 2001).  Signal stability for both faraday and SEM detection 

methods was improved by the removal of O2 using heated copper (600
o
C) in-line with the 

gas sample inflow.  Where anammox and denitrification co-occurred (as detected using 

slurry incubations), rate calculations in 
15

N tracer experiments followed the core and 

slurry method of Risgaard-Peterson (2003); where anammox rates were below detection, 

the calculations of Nielsen (1992) were applied to core incubations. 
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OBJECTIVES 

   The overarching objective of this dissertation was to develop and examine hypotheses 

on the controls of nitrogen cycling by microorganisms in coastal sediments.  Addressing 

issues related to nitrogen pollution requires basic scientific research on how the nitrogen 

cycle functions in nature.  Therefore, through this dissertation on marine nitrogen 

cycling, I strived to address fundamental gaps in our understanding of microbial nitrogen 

biogeochemistry while providing data pertinent to environmental management practices. 

   Production of N2 in continental shelf sediments via microbial denitrification and 

anammox is an essential process for nitrogen removal and maintaining a balance of 

reactive nitrogen in the oceans.  Nitrogen losses in coastal ecosystems remain one of the 

least understood variables in nitrogen budget estimates, and thus, there is a clear need to 

examine microbial N2 production in these environments.  Many of the objectives of this 

dissertation were therefore centered specifically on determining metabolic rates of 

denitrification and anammox bacteria and exploring the controls on these processes in 

coastal sediments. 

   Four distinct projects were undertaken at three field areas in two different estuaries.  

Chapters 1 and 2 examined nitrogen and carbon cycling in shallow permeable sediments 

of the northeast Gulf of Mexico.  The objectives of Chapter 1 were to identify 

microorganisms responsible for initial detritus degradation, address how denitrification 

rates are affected by the rapid onset of detritus deposition events, and identify the active 

denitrifying population.  Working hypotheses were broken down into three parts: first, it 

was hypothesized that carbon from deposited phytodetritus is rapidly and directly 

transferred of into biomass of microbes colonizing the permeable sands.  Secondly, we 

predicted that microbial taxa recognized for organic matter degradation in the water 

column are also the main players in the sedimentary degradation process.  Finally, it was 

hypothesized that active denitrifiers are present in sandy sediments despite sediment 

flushing and aeration. 

   The second chapter also examined nitrogen biogeochemistry in permeable coastal 

sediment, assessing in detail the controls of microbial N2 production.  Pore-water 

advection in sandy sediments causes solute exchange rates orders of magnitude higher 

than molecular diffusion alone and can lead to an acceleration of organic matter 
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mineralization and detritus filtration from the water column proportional to the extent of 

pore-water exchange.  However, rates and controls of denitrification within intact 

sediments under advective transport conditions are largely unexplored.  The primary goal 

of Chapter 2 was to test the hypothesis that pore-water advection will accelerate 

denitrification and N2 efflux in Gulf of Mexico sandy sediments.  An additional, principal 

objective was to assess the relative importance of  nitrification and external sources of 

nitrate in denitrification under various physical and geochemical scenarios. 

   Chapter 3 focused on benthic nitrogen cycling in Arctic fjords.  As the Arctic Ocean 

experiences warming air temperatures, decreased ice cover, changes in coastal upwelling, 

and increased marine primary production, understanding nitrogen cycling in polar regions 

is becoming acutely imperative.  However, nitrogen sinks, sources, and transformations 

are at present poorly understood in coastal Arctic sediments compared to their temperate 

or subtropical counterparts.  Objectives of this study were to directly determine rates of 

nitrogen loss as N2 and to quantify fluxes of dissolved inorganic and organic carbon and 

nitrogen across the sediment-water interface.  It was hypothesized that net N2 fluxes 

would be comparable to more temperate coastal sediments and the importance of 

anammox in N2 production would be inversely correlated with overall rates of benthic 

respiration. 

   Chapter 4 presents a study of nitrogen cycling in the distributary marshes of the 

Apalachicola National Estuarine Research Reserve.  The comprehensive objective was to 

examine how oligohaline marsh systems intercept land-derived nitrogen loads and alter 

both nitrogen levels and speciation prior to river water discharge to the marine system. A 

relatively large number of studies have investigated nitrogen cycling in salt marsh 

ecosystems, although little is known regarding nitrogen sinks in oligohaline marshes.  

Nitrogen cycling in the ANERR marsh is essentially unexplored.  This project at the 

ANERR marsh was designed to address the following hypotheses: 1) oligohaline marshes 

comprise a significant sink of riverine-derived DIN through denitrification and nitrogen 

burial; and 2) the marsh provides a substantial source of N to the Bay as dissolved 

organic nitrogen.  These hypotheses were tested by focusing on directly quantifying the 

major nitrogen sinks.  The direct determination of N2 production rates in sediments was a 

primary goal; physical flux processes, including nitrogen burial and tidal import and 
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export, were also explored.  Results of this study will help provide underlying 

information for understanding the role of the oligohaline wetlands as a control of nitrogen 

in the Apalachicola estuary. 
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ABSTRACT 

   This study identified microbial taxa which catalyze phytodetritus degradation and 

denitrification in permeable coastal sediments of the northeast Gulf of Mexico.  Stable 

isotope probing experiments were used to track the assimilation of isotopically labeled 

substrate into bacterial deoxyribonucleic acid (DNA) and directly link the taxonomic 

identification of benthic microorganisms with particulate organic matter degradation and 

denitrification activity.  Phytodetritus deposition events were simulated in the laboratory 

by the addition of 
13

C-enriched, heat-killed Spirulina cells to intact sediment core 

incubations.  Immediate increases in O2 consumption (3-fold), N2 efflux (16-fold), and 

dissolved inorganic nitrogen efflux were observed following phytodetritus addition 

relative to unamended treatments, suggesting that the benthic microbial community was 

poised to immediately begin oxidizing deposited organic matter.  Analyses of 16S 

ribosomal ribonucleic acid (rRNA) gene sequences amplified from 
13

C-enriched DNA 

fractions demonstrated that members of the Gammaproteobacteria (Vibrionales and 

Alteromonadales), Deltaproteobacteria, Actinobacteria, Verrucomicrobia, and 

Planctomycetes metabolized the phytodetritus amendment.  Terminal restriction length 

polymorphism analyses showed increases in the relative abundance of 

Gammaproteobacteria, Planctomycetes, and Bacteroidetes with phytodetritus addition.  

Alphaproteobacteria were identified as metabolically active denitrifiers by phylogenetic 

analysis of nitrous oxide reductase gene sequences from 
13

C-enriched DNA fractions.  

This study provides the first identification of microorganisms responsible for organic 

matter degradation in marine sediments by DNA sequence analysis.  Microbial 
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assemblages recognized for high molecular weight organic matter oxidation in the marine 

water column were important in catalyzing these processes in permeable sediments. 

 

INTRODUCTION 

   High rates of marine primary production in continental margins are fueled largely by 

nutrients regenerated during mineralization of organic matter in sediments (Wollast 

1991).  The majority of continental shelf surficial deposits are sandy sediments (Hall 

2002) which are low in organic carbon content due relatively frequent sediment 

resuspension, highly active microbial communities, and rapid rates of organic matter 

mineralization (Huettel and Rusch 2000).  In the shallow shelf, highly degradable, fresh 

phytodetritus can settle to the sea floor and is the predominant form of particulate organic 

matter mineralized in the sandy sediments (Wollast 1991; Jørgensen 1996).  

Microorganisms act as the primary agents of benthic organic matter decomposition 

through the production of extracellular hydrolytic enzymes, fermentation, and terminal 

carbon mineralization coupled with respiratory processes (Jørgensen 2000). 

   The use of isotopically enriched substrates (e.g., diatoms and glucose) combined with 

isotopic analysis of biomarkers or tissues of individual organisms has been essential in 

elucidating the fate of recently-deposited organic matter in a variety of coastal and deep-

sea environments (Aberle and Witte 2003; Witte et al. 2003).  Accumulation of 
 13

C from 

stable isotope labeled phytodetritus into bacteria-specific phospholipid fatty acids 

(PLFA) showed rapid conversion of deposited organic matter into bacterial biomass 

(Middleburg et al. 2000; Moodley et al. 2002; Bühring et al. 2006).  The specificity of 

PLFA biomarkers across most groups of microorganisms is low, however, and the ability 

to differentiate between major groups is limited (Boschker and Middleburg 2002).  As a 

result, direct evidence linking the identity and ecology of benthic microorganisms to 

phytodetritus degradation is scarce. 

   Nitrification and denitrification are critical microbially mediated processes in the 

nitrogen cycle that, when coupled, link the mineralization of nitrogenous compounds to 

the removal of nitrogen from coastal marine sediments (Hulth et al. 2005).  The surface 

layers of permeable beds typically are well flushed and therefore oxygen penetration can 

be deep (Reimers et al. 2004; De Beer et al. 2005), suggesting that denitrification activity, 
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which is restricted to anoxic environments, may be low in these layers.  On the other 

hand, flume and in situ studies have shown that in permeable sands zones of pore water 

up- and downwelling associated with sediment ripples generate alternating oxic and 

anoxic conditions as these zones move horizontally through the surface layer of the bed 

(Huettel et al. 1998).  This scenario may promote both nitrification and denitrification, 

though few studies have examined coupled nitrification-denitrification in permeable 

sediments.  Recent studies suggest substantial rates of this process in shelf deposits 

including sands (Laursen and Seitzinger 2002; Rao et al. 2008).  The community 

composition of denitrifying microorganisms in marine sands has begun to be elucidated 

in studies targeted to the nosZ (nitrous oxide reductase) gene, which encodes for proteins 

involved in the final step of denitrification, thus directly relating denitrifier ecology to the 

loss of biologically available nitrogen from the seafloor (Scala and Kerkhof 1999; Hunter 

et al. 2006).  However, few studies have progressed beyond a description of community 

composition to directly link the metabolic activity of denitrifiers to their phylogenetic 

identity. 

   The combination of 
13

C labeling with deoxyribonucleic acid (DNA) extraction and 

analysis (commonly called ‘DNA-stable isotope probing’, or DNA-SIP) is a powerful 

technique for identifying active microorganisms involved in specific biogeochemical 

processes (Boschker and Middleburg 2002; Friedrich 2006).  However, DNA-SIP has 

been rarely applied to studies of benthic marine food webs.  As organic matter 

degradation in margin sediments is a central process in the coastal cycles of matter, 

determination of the identity and ecology of benthic microorganisms catalyzing 

decomposition processes in permeable shelf sands is essential for a thorough 

understanding of the function of these sediments in the coastal ecosystem.     

   The objectives of this study were to: 1) demonstrate the rapid and direct transfer of 

carbon from deposited phytodetritus into the biomass of microbes colonizing the 

permeable sands; 2) identify the microbial taxa which catalyze phytodetritus degradation 

in permeable coastal sediments of the northeast Gulf of Mexico; and 3) demonstrate 

denitrification activity in the permeable sands and identify within the metabolically active 

community the taxa responsible for denitrification. 
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  We used stable isotope probing experiments to trace the uptake of 
13

C, added through 

phytodetritus, into microbial DNA thereby directly linking the degradation process to 

specific microbial taxa colonizing the permeable sediment.  Phylogenetic analysis of 

nitrous oxide reductase (nosZ) gene sequences from the 
13

C-enriched DNA fractions 

revealed the denitrifiers within the active taxa.  Our working hypotheses were that: 1) 

phytodetrital 
13

C are incorporated within days into microbial biomass reflecting the high 

degradation rates reported from permeable sediments; 2) the microbial taxa mainly 

responsible for organic matter degradation in the water column are the dominant taxa in 

the sedimentary degradation process; and 3) active denitrifiers are present in the sands 

despite high sediment flushing rates producing substantial denitrification. 

   Cyanobacterial Spirulina biomass enriched in 
13

C simulated phytodetritus deposition 

onto intact sediment cores retrieved from the northeastern Gulf of Mexico, and 
13

C 

incorporation into bacterial DNA was assessed using 
12

C and 
13

C-labeled nucleic acid 

fractionation followed by clonal analysis of and fingerprinting (terminal restriction 

fragment length polymorphism) of 16S ribosomal ribonucleic acid (rRNA) and nosZ 

genes.  The responses of benthic O2, N2, and dissolved inorganic nitrogen (DIN) fluxes to 

phytodetritus amendment were used to estimate benthic respiration and denitrification 

rates. 

 

METHODS 

Site and Sampling 

   Sediment cores were collected from a near-shore environment in the northeastern Gulf 

of Mexico at St. George Island, Florida (29
o
 44’88.1” N, 084

o 
42’58.6” W) in May 2006.  

This area is adjacent to an uninhabited region of the island and is considered relatively 

unaffected by anthropogenic effects.  Sediments at the site consist of well-sorted quartz 

sand (grain median 209 to 220 µm) with a low organic matter content (< 0.1%), a 

permeability of 1.6 to 2.9 x 10
-11

 m
2
, and a porosity of 31% to 37% (Mills et al. 2008).  

Sediment cores of 10 cm depth were collected by hand at 1.5 - 2.0 m water depth using 9 

cm diameter, 20 cm long, acrylic core tubes.  The sediment temperature was 27
o
C and the 

water column salinity was 36 at the time of sampling.  Unfiltered seawater (80 L) was 

collected from the same location.  Cores and water were transported immediately (< 2 h) 
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at near in situ temperatures to the Florida State University Coastal and Marine Laboratory 

where they were placed in a temperature controlled room (27
o
C). 

Whole-core Incubations and Chemical Analyses 

   Cores were preincubated by submerging them in a tank filled with seawater from the 

field site.  The water overlying each core was equilibrated with air and circulated 

continuously overnight using air-lift pumps(Cornwell et al. 1999).  A container of site 

seawater for sample water replacement was equilibrated overnight by bubbling with air.  

Following preincubation and equilibration, three cores were amended with 
13

C-enriched 

Spirulina biomass (>99% 
13

C; Spectra Stable Isotopes) at 0.8 mg dry wt cm
-2

.  The 

Spirulina amendments were prepared as thin (~ 2 mm thickness) disks of slurried 

biomass and wet sand, treated by brief heating (~ 80
o
C for 5-10 s), and frozen on dry ice.  

Immediately prior to incubation, one Spirulina disk was placed in the seawater overlying 

each core and allowed to sink to the sediment surface.  Four cores were left unamended 

and one core tube contained only seawater as a blank control.  All cores were sealed with 

gas-tight caps fitted with sealable sampling ports, and were stirred at 70 revolutions per 

minute using laboratory stir bars driven by an external magnet.  Overlying water samples 

for DIN, O2, and N2:Ar measurements were withdrawn and replaced with air-equilibrated 

seawater at 0, 2.5, 8, 14.5, 18, and 22 h. 

   Samples for N2:Ar measurements were preserved with 10 µL half-saturated HgCl2 in 7 

mL vials with ground-glass stoppers.  Samples for dissolved oxygen measurements were 

collected in 7 mL vials with ground-glass stoppers and mixed immediately with Winkler 

reagents for later titrations.  Samples for dissolved ammonium, nitrate, and nitrite were 

filtered immediately (0.45 µm) and frozen at -20
o
C until analysis.  Sets of one 

unamended and one 
13

C-amended core were sacrificed at 14.5, 18, and 22 h.  These cores 

were uncapped, the overlying water was removed, and sediment was collected from the 

central part of the core by sub-coring using four 30 mL syringes with the ends cut off.  

Sediment subcores were frozen immediately on dry ice and stored at -80
o
C. 

   Dissolved N2 was measured using a membrane inlet mass spectrometer (MIMS) 

according to Kana et al. (1994).  Oxygen was removed from the inflow gas upstream of 

the mass spectrometer using an in-line quartz column packed with Cu turnings heated to 
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600
o
C (Eyre et al. 2002); N2 concentrations were calculated from measured N2:Ar ratios 

assuming constant Ar concentrations (Kana et al. 1994).  Samples for dissolved O2 were 

analyzed immediately following each sampling time point using Winkler titrations 

(Grasshoff et al. 1983).  Dissolved ammonium (NH4
+
) and nitrite (NO2

-
) were determined 

by colorimetry (Strickland and Parsons 1972; Bower and Holm-Hansen 1980), and NOx
-
 

(NO3
-
 + NO2

-
) was determined by chemiluminescence after reduction to NO (Braman and 

Hendrix 1989). 

DNA Extractions 

   Frozen (-80
o
C) sediment sub-cores were sectioned into 12 depth intervals: 0-2, 2-4, 4-6, 

6-8, 8-10, 10-12.5, 12.5-15, 15-20, 20-25, 25-30, 30-40, and 40-50 mm.  Three replicate 

sub-cores were sectioned for each time point and treatment; sediment from replicate 

intervals was combined and homogenized.  For Terminal restriction fragment length 

polymorphism (TRFLP) analyses of DNA-SIP separations, frozen sections from 
13

C-

spirulina amended cores sampled at 14.5 h were combined and homogenized after slight 

thawing to make sediment pools corresponding to 0-0.5, 1-2, 2-3, and 3-5 cm.  DNA was 

extracted and purified using a modified method of Scala and Kerkhof (2000) and was 

resuspended in 100 µL TE pH 8.0 buffer. 

DNA-SIP Separations 

   Cleaned DNA (2.0 µg) was loaded into a 4.9 mL Optimax ultracentrifuge tube 

(Beckman Coulter) with 400 µL of 20 mg mL
-1

 ethidium bromide and 1.55 g mL
-1

 CsCl 

in de-ionized H2O.  Samples were centrifuged at 225,000 x g for 48 to 60 hours in a 

NVT-100 rotor (Beckman Coulter) at 20
o
C.  DNA bands were recovered after 

centrifugation by slicing the tube top and removing the fractions with a 200 µL pipet tip.  

Exposure to ultraviolet light for visualization was minimized (< 3 s) as to limit DNA 

degradation.  Gradient fractions were washed with 1.0 mL TE-saturated MBG-butanol 

(Sigma-Aldrich), centrifuged at 5000 x g for 3 minutes and the organic phase was 

decanted.  This procedure was repeated until no visible signs of ethidium bromide 

remained.  The aqueous phase was augmented with 10 µg bovine serum albumine (BSA) 

(New England Biolabs) and drop dialyzed on 25 mm nitrocellulose filters (Millipore,) 
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against 10 mmol L
-1

 Tris-HCl pH 8.0 for 15 min.  Samples were recovered, precipitated 

with ethanol, and resuspended in 20 µL 10 mmol L
-1

 Tris-HCl.  

Terminal Restriction Fragment Length Polymorphism Analyses 

   Polymerase chain reaction (PCR) amplification of 16S rRNA gene sequences was 

conducted with universal bacterial primers 27f (5’- AGRGTTTGATCMTGGCTCAG -

3’) and 1492r (5’- GGTTACCTTGTTACGACTT -3’) (Lane 1991) at 500 nmol L
-1

.  

Primer 27f was labeled with 6-carboxyfluorescein on the 5' end.  PCR cycling conditions 

were: 2 min initial denaturation at 95
o
C followed by 27 cycles of 95

o
C for 30 s, 55

o
C for 

45 s, and 72
o
C for 60 s.  Amplification of nosZ gene sequences was performed as in Mills 

et al. (2008).  Each PCR reaction was verified by agarose gel electrophoresis.  Three 

duplicate PCR’s were combined and cleaned using standard spin column cleanup kits 

(Qiagen) and quantified (NanoDrop Spectrophotometer; Thermo Fisher Scientific).  The 

PCR product (200 ng) was digested with MnlI restriction endonucleases (New England 

Biolabs, USA) for 3 h according to manufacturer’s standard protocol.  After digestion, 30 

ng of MnlI digested template were ethanol precipitated and resuspended in 19.7 µL 

deionized formamide and 0.3 µL Generuler ROX 0-500 bp standard marker (Applied 

Biosystems).  Fragment analysis was conducted at the Florida State University DNA 

Sequencing Core Facility.  Subsequent TRFLP analysis was completed using 

GeneMapper 4.0 software (Applied Biosystems) using amplified fragment length 

polymorphism analysis settings.  Peaks of less than 50 nucleotide length or representing 

less than 1% of total peak area were discarded.  Further TRFLP peak analysis was 

conducted as described in Mills et al. (2008). 

Cloning and Sequencing 

   16S rRNA and nosZ gene sequences were PCR amplified from each SIP gradient 

fraction using the aforementioned PCR primers and reaction conditions with the 

exception of the 16S rRNA which was amplified with unlabeled 27f primer.  PCR 

amplicons were purified with PCR-Clean spin columns (Qiagen) and resuspended in 30 

µL H2O.  Products from PCR reactions of all individual intervals were combined and the 

pooled product was cloned into pCR2.0 vector (Invitrogen) using 3.0 µL template and 

chemically transformed into E. coli DH10b cells.  Putative transformants were verified by 
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blue-white screening and PCR re-amplification with M13F/M13R primers according to 

manufacturer’s specifications. Validated amplicons were purified on PCR-Clean spin 

columns prior to DNA sequencing at the Florida State University DNA Sequencing Core 

Facility.  Sequencing reactions were performed using Applied Biosystems Big Dye 4.0 

Terminators on an ABI 3730 instrument (Applied Biosystems). 

Phylogenetic and Statistical Analyses 

   All clone sequences were trimmed of vector sequence contamination using 4Peaks 

software (Griekspoor and Groothuis, mekentosj.com.) and assembled manually in CAP3 

(Huang and Madan 1999).  Sequences of highest similarity to those of the present study 

were retrieved by comparison to the Greengenes 16S rRNA database (Desantis et al. 

2006).  Reference nosZ sequences were obtained by BLAST analysis (Altschul et al. 

1990).  The evolutionary history was inferred using the Neighbor-Joining method (Saitou 

and Nei 1987).  The evolutionary distances were computed using the Kimura 2-parameter 

method (16S rRNA) (Kimura 1980) or the Poisson correction method (nosZ) 

(Zuckerkandl and Pauling 1965) and are given in units of the number of respective 

substitutions per site.  All positions containing gaps and missing data were eliminated 

from the dataset.  Phylogenetic analyses were conducted in MEGA4 (Tamura et al. 

2007).  Sequences for nosZ and 16S rRNA genes were submitted to the National Center 

for Biotechnology Information GenBank database and have accession numbers FJ626871 

to FJ626910. 

 

RESULTS 

Geochemistry 

   Dissolved N2 concentrations (Fig. 1a) showed a linear net flux from the sediment 

without Spirulina amendment (0.30 mmol N m
-2

 d
-1

); addition of Spirulina biomass 

resulted in efflux (4.77 mmol N m
-2

 d
-1

) accelerated by a factor of 15.9 relative to 

unamended cores.  Measurements of dissolved oxygen within the core overlying water 

indicated net O2 consumption for all cores during the first 14 h of incubation (Fig. 1b); 

oxygen consumption was accelerated by factor 2.6 with Spirulina biomass addition 

(mean = -48.63 mmol O2 m
-2

 d
-1

; n=2) relative to unamended cores (mean = -18.41 mmol 
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O2 m
-2

 d
-1

; n=4).  Changes of DIN ([NH4
+
] + [NO2

-
] + [NO3

-
]) within the overlying water 

indicated uptake without amendment (-0.073 µmol N m
-2

 d
-1

) and strong efflux with 

Spirulina addition (2240 µmol N m
-2

 d
-1

; data not shown). 

   Oxygen consumption rate measurements were considered as a proxy for carbon 

mineralization rates with the ratio of oxygen consumption to N2 production indicative of 

the percentage of organic carbon used during denitrification (Canfield et al. 1993).  These 

calculations indicated that complete denitrification shifted from 2% of total carbon 

oxidation without amendment to 10% with Spirulina addition. 

TRFLP-based Assesment of Microbial Community Structures and Relative 

Abundances 

TRFLP analysis is a method for assessing microbial community structures and dynamics 

based on detecting variations in 16S rRNA genes.  PCR using fluorescently labeled 

primers is followed by digestion and analysis of terminal restriction fragment (TRF) sizes 

and intensities using a DNA sequencer.  Fluorescently labeled terminal fragments of 

different size are detected as discrete peaks, each corresponding to a genetic variant  (one 

or more taxa) in the sample.  The fluorescence intensity (area) of each peak is 

proportional to the amount of genomic DNA of each variant in the sample and thus 

corresponds to relative abundance in the community (Liu et al. 1997; Dunbar et al. 2001).  

TRFLP peak areas from amended and unamended core profiles were compared for the 

semi-quantitative assessment of changes in the relative abundance of bacterial groups due 

to phytodetritus addition.  By comparison of TR-fragment sizes from the sediment slices 

with predicted TR-fragment sizes from 16S rRNA gene clone libraries, TRFLP peaks 

were identified for 51% of TRF’s from unamended core profiles and 69% from amended 

core profiles, on average, at the phylum level.  Peaks matching cloned 16S rRNA gene 

sequences were grouped into 11 phyla and classes. The percentage of peak area 

belonging to these 11 groups, relative to total peak area for each TRFLP profile, was 

averaged for 6 depth intervals and are shown in Table 1.  Whereas the majority of phyla 

showed little relative change (< 10%) with Spirulina amendment, three groups showed 

substantial increases: the Bacteroidetes (formerly the Cytophaga-Flexibacter-Bacteroides 

group) increased by 28% at the surface (0 to 0.4 cm); Gammaproteobacteria increased up 



 33 

to 54% in relative abundance between 0.4 and 2.0 cm; Planctomycetes also showed an 

increase in relative abundance at the lower depths (2.0 to 5.0 cm). 

   Clustering of 16S rRNA gene TRFLP fingerprints from
 12

C and 
13

C DNA fractions of 

the 
13

C-Spiruilina-amended cores yielded grouping into three clades (Fig. 2).  For 

samples at the top of the cores (0 to 3 cm depth), community fingerprints of 
13

C DNA (0 

to 3 cm depth) clustered together, whereas 
12

C DNA samples (0 to 2 cm depth) clustered 

separately.  Both 
12

C and 
13

C DNA TRFLP fingerprints from deeper in the core (2 to 5 

cm and 3 to 5 cm depth, respectively) clustered together in a clade separate from the 

shallower depths. 

Phylogeny of Spirulina-degrading Microbial Populations 

   Cloned sequences of 16S rRNA genes from 
13

C-enriched DNA fractions extracted from 

the 14.5 h Spirulina-amended cores were analyzed for their phylogenetic affiliation (Fig. 

3).  A total of 27 distinct phylotypes were identified, 14 of which were most closely 

related to Gammaproteobacteria.  Of these Gammaproteobacteria taxa, 9 were affiliated 

with the Vibrionales order and Pseudoalteromonadaceae family.  Six Actinobacteria 

phylotypes were detected in addition to members of the Deltaproteobacteria, 

Verrucomicrobia, and Planctomycetes.  Rarefaction analyses indicated that the screened 

clones adequately sampled the 16S rRNA gene sequence diversity (Fig. 4). 

Identification and Quantification of nosZ Genes 

   Gene sequences encoding for nosZ were analyzed from the Spirulina-amended core to 

identify those organisms most likely to be active in producing N2 and to assess the link 

between Spirulina-degradation and denitrification.  The sequences of nosZ genes 

amplified from 
13

C DNA fractions indicated 7 distinct phylotypes.  All phylotypes were 

affiliated with the Alphaproteobacteria and were not closely-related to sequences from 

cultivated strains (Fig. 5).  Quantitative PCR of nosZ gene sequences revealed copy 

numbers within the range of 4 x 10
6
 and 38 x 10

6
 copies per gram of sediment (Table 2).  

Little variation in nosZ copy number was observed between treatments and across depth 

profiles.  Total copy numbers were higher in Spirulina-amended cores, however, this 

difference was relatively small and not considered significant here. 
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DISCUSSION 

   Coastal benthic environments typically receive intermittent pulses of organic matter 

following phytoplankton bloom events (Gooday 2002), and permeable sediments have 

been demonstrated to rapidly degrade this material (Huettel and Rusch 2000).  Although 

the role of bacteria in the decomposition of organic matter in marine sediments has long 

been recognized (Zobell 1941; Jørgensen 2000), the mechanisms regulating organic 

matter decomposition, and relationships between the phylogeny of benthic 

microorganisms and changes in biogeochemical and ecological function, are under-

explored.  By simulating phytodetritus deposition events using 
13

C-enriched Spirulina 

biomass amendment in sediment core incubations, tracking 
13

C assimilation into bacterial 

DNA, and quantifying changes in water column chemistry, we were able to demonstate 

that: 1) benthic microbial populations were poised to respond immediately to 

phytodetrius additions; 2) phytodetrital 
13

C was assimilated rapidly into microbial DNA; 

3) the dominant microbial taxa responsible for phytodetritus degradation in sediments 

resemble those known for dissolved and particulate organic matter degradation in the 

water column; and 4) denitrifiers were present and produced substantial levels of N2 

following phytodetritus addition. 

Response of the Benthic Bacterial Populations to Fresh Detritus 

   This study of shallow, permeable sediments demonstrates an immediate response of 

increased benthic respiration upon phytodetritus deposition.  These results are consistent 

with oxidation of highly-labile carbon immediately after the phytodetritus amendment 

followed by slower utilization of less-labile material.  Short-term denitrification rates, 

during the initial phase of labile organic matter utilization, approached some of the 

highest fluxes reported for marine sediments (Laursen and Seitzinger 2002).  The 

response of benthic microbial processes was also evident in the reversal of the DIN flux 

with phytodetritus-amended cores having net DIN release, whereas unamended cores 

(representing pre-bloom detritus conditions) had net DIN consumption.  Respiration 

pathways also shifted towards a greater percentage of denitrification with phytodetritus 

addition.  Although the initiation and duration of a phytodetritus deposition event may 

occur over a longer time scale (from days to weeks), an immediate response is clear from 

these experiments.  The observed short-term upsurge of denitrification in response to a 
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simulated particulate organic matter sedimentation event may point to a larger role of 

denitrification in permeable sediments over broader scales than was perceived previously. 

   These rapid biogeochemical responses to detritus deposition suggest that members of 

the benthic microbial community were poised to begin acting upon and degrading organic 

matter immediately as it was delivered to the sediment.  Rapid degradation of detritus 

following benthic deposition has been observed in shallow sediments where both labile 

and less-reactive carbon organic matter reach the sediment (Azam and Long 2001).  The 

immediate onset of respiratory processes (O2 consumption and denitrification) observed 

here suggests that populations maintained a state of metabolic readiness and appeared to 

include those members of the community which perform initial degradation (e.g., 

hydrolysis reactions, fermentation) and aerobic respiration but also the anaerobic, 

terminal respiratory populations such as the denitrifiers. 

   In contrast with fine-grained sediments, coarse-grained sands typically have low 

organic matter content (< 0.05%) due to high rates of organic matter turnover and 

frequent resuspension and winnowing of the surface layers.  Therefore, within coastal 

marine permeable sediments, organic matter is rapidly oxidized when it becomes 

available, and the system returns to scarce organic conditions, a likely ecological strategy 

is one of ‘feast-or-famine’.  The concept of feast-or-famine as an adaptive strategy within 

marine bacterioplankton communities has been put forward by Eilers et al. (2000) who 

showed that members of the Vibrio, Alteromonas, and Colwellia genera in seawater were 

found to maintain a high potential for growth during periods of starvation, i.e., these 

frequently-cultivated bacterioplankton adapted to quickly respond to changes in 

environmental conditions.  Other studies, including Bühring et al. (2006), Moodley et al. 

(2002), and Witte et al. (2003), also observed rapid increases in benthic respiration 

following detritus deposition
 
initiated by

 13
C-enriched substrate amendments.  In these 

studies,
13

C was incorporated into bacterial PLFA’s revealing that the benthic microbial 

communities were poised to respond to influxes of organic matter with immediate 

biomass production. 

Identification of Spirulina-degrading Microbial Populations 

   DNA stable isotope probing and community fingerprinting identified microbial groups 

mediating phytodetritus degradation in shallow marine sediments.  Whereas traditional 
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16S rRNA gene cloning and sequencing provides an assessment of overall microbial 

community composition, 
13

C-DNA stable isotope probing allowed for the identification 

of the major taxa active specifically in the early stages of phytodetritus degradation.  

Cluster analysis of TRFLP fingerprints from 
12

C and 
13

C DNA fractions (Fig. 2) 

demonstrated that the microbial populations which assimilated 
13

C-labeled Spirulina in 

the surface layers were distinctly different from the remainder of the community.  

Phylogenetic analyses of 16S rRNA gene sequences in 
13

C-enriched DNA fractions (Fig. 

3) identified multiple phylotypes of the Alteromonadales and Vibrionales 

(Gammaproteobacteria) in the clone libraries, indicating that these taxa utilized 

Spirulina-derived carbon.  Actinobacteria, Deltaproteobacteria, Planctomycetes, and 

Verrucomicrobia members were detected in the 
13

C DNA fractions, thereby directly 

linking these groups to phytodetritus utilization.  Semi-quantitative comparisons of 

TRFLP peak areas (Table 1) provide further, independent evidence that the 

Gammaproteobacteria, Planctomycetes, and Bacteroidetes increased in relative 

abundance with the Spirulina amendment and are important in phytodetritus degradation. 

   The identification of Gammaproteobacteria, Actinobacteria, Planctomycetes, 

Verrucomicrobia, and Bacteroidetes as the microbial assembleges breaking down and 

assimilating fresh detritus is consistent with previous evidence that many of these taxa 

are capable of degrading high molecular weight organic compounds.  

Gammaproteobacteria detected in 
13

C DNA fractions were predominantly of the 

Alteromonadales and Vibrionales orders, which, in addition to their ability to maintain a 

state of metabolic readiness during periods of starvation (Eilers et al. 2000), also have 

high activity of hydrolases and carry out mixed acid fermentation (Mikhailov et al. 2006).  

The Planctomycetes are a widespread group comprised of many aerobes capable of 

degrading polymers but also include autotrophs which oxidize ammonium in anoxic 

environments.  Assemblages of Bacteroidetes, Gammaproteobacteria, and 

Planctomycetes dominate microbial communities associated with, and likely 

decomposing marine snow (Delong et al. 1993).  Gammaproteobacteria, Planctomycetes, 

and Bacteroidetes were abundant in shallow marine permeable sediments which 

experience strong, seasonal phytodetritus deposition and have high rates of benthic 

organic matter mineralization (intertidal sand flat of the south-eastern North Sea; Musat 
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et al. 2006).  Fluorescence in situ hybridization (FISH) showed a predominance of 

Planctomycetes and Bacteroidetes in sediments expressing carbohydrate and protein 

hydrolysis (Rusch et al. 2003), providing further evidence of the importance of these 

groups in the initial degradation of recently-deposited complex organic matter. 

   Results of TRFLP peak area comparisons (Table 1) indicated a relative increase in 

Bacteroidetes at the sediment surface in response to Spirulina amendment suggesting a 

role in phytodetritus degradation.  Bacteroidetes were not detected in the 
13

C 16S rRNA 

gene clone library, possibly as a result of sediment sample pooling (multiple samples 

spanning 0 to 5 cm) prior to 
13

C DNA separations and dilution of Bacteroidetes 

sequences (abundant only at 0 to 0.4 cm) to below the level detectable here by cloning.  

However, an independent study of the overall microbial communities at this same site 

detected multiple taxa of Bacteroidetes in both genomic DNA and rRNA-derived clone 

libraries demonstrating that these organisms were present and active in the upper layers 

of sediment (Mills et al. 2008).  The Bacteroidetes are a broad group of 

chemoorganoheterotrophs specializing in polymer degradation, and the role of these 

bacterial groups in catalyzing high molecular weight organic matter degradation in the 

marine water column is recognized (Kirchman 2002).  FISH in combination with 16S 

rRNA gene cloning demonstrated that Bacteroidetes can be among the most prominent 

microbial taxa in shallow, permeable sediments that receive fresh detritus (Llobet-Brossa 

et al. 1998; Musat et al. 2006).  Bacteroidetes cell numbers also increased in marine 

sediments following the amendment of cyanobacterial biomass to simulate recent 

phytodetritus deposition (Rosselló-Mora et al. 1999).  The evidence here showing a 

response of Bacteroidetes to phytodetritus input provides corroborating evidence that this 

group is important in benthic organic matter degradation. 

   Stable isotope probing results shown here provide clear evidence that Actinobacteria 

and Verrucomicrobia participate in phytodetritus degradation in marine sediments.   

Although the importance of Actinobacteria in polymer (e.g., cellulose and chitin) 

degradation in soils is well-established, the ecological function of marine Actinobacteria 

is debated (Bull et al. 2005).  Marine Actinobacteria are present mainly in sediments, 

most notably near deep-sea gas hydrates (Lanoil et al. 2001; Reed et al. 2002) and in 

shallow sandy sediments (Hunter et al. 2006; Mills et al. 2008).  Multiple strains of 
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Actinobacteria were isolated from coastal, suspended aggregates, demonstrating a 

probable role in particulate organic matter degradation (Grossart et al. 2004).  The 

function of Actinobacteria populations in the environment has not been directly assessed 

in previous work, however.  Verrucomicrobia are widely distributed in the oceans 

(Wagner and Horn 2006) but their ecological function is largely unknown.  Only three 

representatives have been isolated, and all described Verrucomicrobia strains are aerobic 

chemoorganotrophs (Scheuermayer et al. 2006). 

Pelagic Microbial Communities Degrade Phytodetritus in Permeable Sediments 

   Many of the taxa identified here, most notably the Bacteroidetes, 

Gammaproteobacteria, Planctomycetes, and Actinobacteria, are important for using 

particulate and dissolved organic matter in the marine water column (Kirchman 2002; 

Grossart et al. 2004).  As noted by Rusch et al. (2003), sandy sediments likely enlist 

microbial taxa known for catalyzing organic matter degradation in the water column due 

to their permeability and the exchange of porewater with the overlying water.  Studies 

utilizing cloning, FISH, and DNA-SIP, have now independently confirmed that bacteria 

previously studied in the water column are important in benthic detritus degradation in 

the surface layers of permeable sediments.  In contrast, experiments employing 
13

C 

substrate uptake with PLFA analysis suggest that anaerobic bacteria are more important 

for organic matter decomposition in fine-grained, or muddy, coastal and deep-sea benthos 

(Bühring et al. 2006).  In the deeper layers of permeable sediment, not affected by the 

advective pore water exchange caused by boundary flow-ripple interaction, the microbial 

community and its activities are expected to be similar to those of the fine-grained, 

cohesive sediments. 

Identification of Potential Denitrifying Bacteria 

   Cloning and sequencing of nosZ genes from 
13

C DNA fractions determined those 

microorganisms that actively processed phytodetritus and have denitrification potential.  

Such bacteria were all identified as Alphaproteobacteria, including taxa closely related to 

P. denitrificans and other microbes previously detected in permeable marine sediments 

(Fig. 5).  Our quantitative PCR results further show that denitrifiers were abundant in the 

permeable Gulf of Mexico sediments over the depth intervals examined.  Although is it 
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possible that facultative denitrifiers could have assimilated 
13

C during aerobic utilization 

of phytodetritus,  these data nonetheless link the phylogenetic identity to the metabolic 

activity of these marine denitrifying bacteria.  The diversity of denitrifying bacteria was 

shown previously to be high in permeable sediments, consistent with the high 

permeability and associated rapid oxygen fluctuations, high rates of organic matter 

turnover and enhanced remineralization of nitrogen observed in these environments 

(Scala and Kerkhof 2000; Mills et al. 2008).  Although the utility of functional gene 

databases for identifying marine denitrifiers beyond high-level classification is limited by 

a lack of cultivated representatives (Zehr and Ward 2002), members of the 

Alphaproteobacteria have been implicated as important denitrifiers in permeable 

sediments of the South Atlantic Bight (Hunter et al. 2006) and the northeast Gulf of 

Mexico (Mills et al. 2008). 

   This present study for the first time uses nucleic acid-based stable isotope probing to 

determine the taxonomy of microorganisms catalyzing phytodetritus degradation in 

marine sediment.  By linking 
13

C uptake with 16S rRNA gene phylogeny, the ecological 

function of Gammaproteobacteria, Planctomycetes, Actinobacteria, Verrucomicrobia, 

and Bacteroidetes as initial degraders of organic matter in shallow, permeable sands 

could be demonstrated.  Simulated bloom deposition experiments using intact sediment 

cores revealed a pulse of increased denitrification coinciding with accelerated oxygen 

consumption underlining the role of denitrifiers in the initial degradation process.  Stable 

isotope probing combined with cloning and sequencing of nosZ genes identified potential 

denitrifying microorganisms responsible for this response. This study focused on the 

surface layer of permeable sand deposits and the initial, rapid response of the sedimentary 

microbial community to a labile organic matter pulse.  How important is this pronounced 

initial response relative to the ensuing decomposition of the less labile material, and 

which microbial groups dominate the post-initial degradation in sand sediments?  How 

important are sediment pore water flows in controlling the microbial metabolic activites, 

e.g., coupled nitrification-denitrification? Only a thorough understanding of the microbial 

processes will permit a reliable assessment of the role of permeable shelf sediments in the 

coastal cycles of matter. 
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TABLES 

Table 1.1.  Relative abundances of microbial groups as determined by terminal restriction 
fragment length polymorphism (TRFLP) for Spirulina-amended and unamended cores 
(parentheses) sampled at 14.5 hours. 
 

 Percent TRFLP peak area 

Class or Phylum 0-0.4 cm 0.4-0.8 cm 1.0-1.25 cm 1.25-2.0 cm 2.0-3.0 cm 3.0-5.0 cm 

Acidobacteria 0  (6)* 1 (4) 1 (5) 1  (2) 1  (6) 1 (4) 

Actinobacteria 3  (6) 4 (4) 12 (15) 1  (4) 14  (12) 1 (1) 

Alphaproteobacteria 3  (9) 10 (9) 8 (8) 4  (5) 4  (10) 4 (15) 

Bacteroidetes 34  (6) 1 (7) 4 (7) 1  (5) 2  (9) 7 (4) 

Chloroflexi 0  (4) 1 (6) 1 (0) 1  (4) 0  (1) 0 (3) 

Cyanobacteria 5  (3) 6 (2) 5 (2) 3  (2) 2  (5) 5 (2) 

Deltaproteobacteria 0  (0) 2 (0) 1 (1) 1  (1) 0  (2) 1 (1) 

Firmicutes 12  (2) 3 (10) 14 (4) 1  (0) 6  (0)  0 (0)  

Gammaproteobacteria 14  (24) 46 (11) 25 (12) 61  (7) 7  (12) 16 (5) 

Gemmatimonadetes 0  (0) 0 (1) 1 (0) 0  (0)  9  (1) 0 (1) 

Planctomycetes 0  (2) 1 (2) 2 (2) 1  (3) 25  (4) 16 (1) 

 

*Percentages are the sum of peak areas from each group relative to total TRFLP peak 
areas. Taxonomic groups and depth intervals having greater than 10% difference between 
amended and unamended relative peak areas are bolded. 
 

 

 



 41 

 

Table 1.2. Quantitative PCR results using primers specific for nitrous oxide reductase 
(nosZ) gene sequences. 
 

 

 

 depth interval nosZ gene copies x 106 g-1 sediment 

(cm) unamended cores amended cores 

0.5 - 1.0 38 13 

1.0 - 2.0 6 20 

2.0 - 3.0 4 20 

3.0 - 5.0 11 26 

sum 59 79 
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FIGURES 

 

 

 
 
Figure 1.1.  Mean concentrations of (A) dissolved dinitrogen and (B) oxygen in the 
overlying water of Spirulina-amended cores, unamended cores, and controls. 
 
Error bars indicate the standard deviation of replicate cores. 



 43 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.2.  Clustering dendrogram based on pairwise comparisons of small subunit 
rRNA gene terminal restriction fragment length polymorphism profiles. 
 
Fragments were amplified from 12C and 13C DNA fractions of 13C- Spirulina amended 
cores at 14.5 h.  Samples from 13C DNA fractions are in bold. 
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Figure 1.3.  Neighbor-joining phylogenetic tree of small subunit rRNA gene sequences.  
GenBank accession numbers are in parentheses. 
 
Bootstrap percentages greater than 50% are shown adjacent to internal nodes.  Scale bar 
indicates the number of base substitutions per site.  Phylotypes in bold were derived from 
the 13C DNA-based clone library of 13C-Spirulina amended cores sampled at 14.5 h. 
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Figure 1.4.  Rarefaction curve, upper 99% confidence limit, and upper 95% confidence 
limit calculated for the 13C DNA 16S rRNA gene clone library. 
 
Rarefaction was determined at 97% percent sequence identity threshold using 
FastGroupII software (http://biome.sdsu.edu/fastgroup/fg_tools.htm). 
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Figure 1.5.  Neighbor-joining phylogenetic tree based on amino acid sequences inferred 
from nosZ gene sequences. 
 
GenBank accession numbers are in parentheses.  Bootstrap percentages greater than 50% 
are shown adjacent to internal nodes.  Scale bar indicates the number of amino acid 
substitutions per site.  Phylotypes in bold were derived from the 13C DNA-based clone 
library of 13C- Spirulina amended cores sampled at 14.5 h. 



 47 

CHAPTER 2.  RATES AND CONTROLS OF DENITRIFICATION IN SHALLOW, 

SUBLITTORAL GULF OF MEXICO PERMEABLE SEDIMENTS 

 

Thomas M. Gihring, Andy Canion, Ashley Riggs, Markus Huettel, & Joel E. Kostka 

 

 

ABSTRACT 

   We examined nitrogen cycling over a one-year period in shallow sandy sediments at 

two contrasting sites near a barrier island in the northeastern Gulf of Mexico and provide 

the first direct determinations of N2 production at ambient nitrate concentrations in 

permeable marine sediments.  Nitrogen stable isotope tracer techniques were used to 

measure N2 production rates and pathways in sediment cores and slurries.  To simulate 

pore-water advection, the dominant transport process in the upper layer of the permeable 

sand beds, intact sediment cores were perfused with aerated seawater.  This perfusion 

increased denitrification rates up to 2.5-fold in Apalachicola Bay sands and 15-fold in 

Gulf of Mexico sublittoral sands, respectively, relative to static cores.  Seasonal N2 

production rates were highest in spring and fall.  Denitrified nitrate originated almost 

entirely from benthic nitrification at the exposed Gulf site, whereas water column nitrate 

dominated sedimentary denitrification at the sheltered Bay site.  Sediment incubations in 

stirred chambers were used to determine net fluxes of O2, N2, nitrate, and ammonium 

across the sediment-water interface during varied degrees of continuous pore-water 

exchange.  Rates of N2 efflux correlated with rates of pore-water flow increasing from 

0.12 mmol N m-2 d-1 under diffusion-limited transport conditions up to 0.87 mmol N m-2 

d-1 with pore water advection. Mineralized nitrogen was completely converted to N2 gas 

in Gulf of Mexico sediments.  Our results demonstrate the role of coastal permeable 

sediments as sites for nitrogen removal, and the influence of pore-water flow on 

denitrification and N2 flux. 

 

INTRODUCTION 

   Production of N2 in continental shelf sediments via microbial denitrification and 

anammox (anaerobic ammonium oxidation) are major processes for nitrogen removal 
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from the marine environment and for maintaining a balance of reactive nitrogen in the 

oceans (Hulth et al. 2005).  Denitrification rates in coastal ecosystems remain one of the 

least understood terms in nitrogen budget estimates mainly due to methodological 

difficulties as well as spatial and temporal variability in benthic processes (Cornwell et al. 

1999).  Consequently, current reports of imbalances between sinks and sources in the 

global marine nitrogen budget are contentious (Capone 2008).  As human activities are 

increasingly adding to the reactive nitrogen influx to the oceans (Galloway et al. 2008), 

developing a better understanding of nitrogen removal in coastal environments is 

imperative. 

   Although surficial sediments on continental shelves are predominantly permeable, 

coarse-grained deposits (Emery 1969), sedimentary N2 production research so far has 

primarily focused on fine-grained sediments (Brandes et al. 2007).  In contrast to fine-

grained sediments, where interstitial solute transport occurs mainly via molecular 

diffusion, the permeability of sandy sediments allows pore-water flow and advective 

exchange of material across the sediment-water interface.  Pore-water advection, driven 

mainly by pressure gradients from gravity wave passage and bottom currents interacting 

with surface topography (Webb and Theodor 1968; Huettel and Gust 1992),  causes 

solute exchange rates orders of magnitude higher than molecular diffusion alone and 

allows direct transfer of suspended particles into permeable sediment strata (Huettel et al. 

1996; Huettel et al. 1998; Ehrenhauss et al. 2004).  Advective solute and particle 

transport can lead to an acceleration of organic matter mineralization and detritus 

filtration from the water column proportional to the extent of pore-water exchange 

(Huettel and Rusch 2000; Jahnke et al. 2005; Janssen et al. 2005).  Flushing of permeable 

bed surface layers can allow oxygen to penetrate over 10 cm deep (Reimers et al. 2004; 

De Beer et al. 2005), suggesting that denitrification activity, which is largely restricted to 

anoxic environments, may be low in these layers.  On the other hand, flume and in situ 

studies have shown that in permeable sands zones of pore water up- and down-welling 

associated with migrating sediment ripples generate alternating oxic and anoxic 

conditions as these zones move horizontally through the surface layer of the bed (Huettel 

et al. 1998).  This scenario may promote both nitrification and denitrification, although 

few studies have examined coupled nitrification-denitrification in permeable sediments. 
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   Previous studies of N2 production rates for coastal permeable sediments are rare and 

have used conventional benthic chambers (Devol 1991; Devol and Christensen 1993; 

Laursen and Seitzinger 2002) and static intact core incubations (Lohse et al. 1996; Eyre 

and Ferguson 2005; Vance-Harris and Ingall 2005).  It is now understood, however, that 

experiments where pore-water advection is absent or impeded are inadequate for realistic 

determinations of diagenetic processes in permeable sediments (Jahnke et al. 2000).  

Experiments on South Atlantic Bight sands using flow-through columns provided the 

first reported denitrification rate measurements under advective pore water transport 

conditions (Rao et al. 2007).  Numerical modeling has also been used to estimate 

denitrification rates in permeable sediments, demonstrating an increase in N2 production 

with advective pore-water flushing (Cook et al. 2006; Cardenas et al. 2008).  However, 

there remains a clear need to determine rates and controls of denitrification within intact 

sediments under advective transport conditions. 

   Here we examined the following hypotheses: 1) pore-water advection will accelerate 

denitrification and N2 efflux in Gulf of Mexico sandy sediments; 2) coupled nitrification-

denitrification is the predominant pathway for N2 generation in well-aerated permeable 

sediments; and, 3) external sources of nitrate will be more important for denitrification in 

poorly-aerated, suboxic or anoxic sands.  The two study sites with sublittoral sandy 

deposits were located in a temperate ecosystem not significantly impacted by 

anthropogenic nitrogen sources.  An examination of rates and controls of N2 production 

over multiple sites and seasons was conducted using N2:Ar and 15N tracer techniques 

applied in sediment cores, advection chambers, and slurry incubations. The results 

demonstrate efficient nitrogen removal controlled by pore-water flow in permeable 

coastal sands. 

 

METHODS 

Study Area 

   This study was conducted at two sites adjacent to St. George Island, Florida in the 

northeast Gulf of Mexico.  St. George Island is the longest in a series of barrier islands 

partially enclosing Apalachicola Bay at the mouth of the Apalachicola River (Fig. 1).  

This estuary is currently sparsely populated and is considered relatively unimpacted by 
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anthropogenic activity.  Sediment samples were collected by divers at the Apalachicola 

Bay side (29°45.034N, 84°42.719W; designated as the “Bay” site) and the Gulf of 

Mexico side of the island (29°44.885N, 84°42.594W; “Gulf” site).  Sampling sites were 

approximately 50 to 100 m from shore at 1 to 1.5 m water depth.  Sediments at both sites 

were moderately sorted, slightly gravelly fine quartz sands with carbon contents of 0.11% 

to 0.15%, and mean permeabilities of 2.0 × 10-11 m2 to 4.6  × 10-11 m2 (see Mills et al. 

2008 for detailed sediment characteristics).  The sediment surface at the Bay site typically 

had sand ripples 0.5 to 1 cm high and spaced 3 to 5 cm apart, whereas the Gulf site had 

ripples 2 to 3 cm high and spaced 7 to 10 cm apart, indicative of lower wave energy at the 

more protected Bay site.  At the Bay site, there was a distinct redox transition visible at 2 

to 4 cm depth with brown iron oxides above the transition and black iron sulfides below; 

such zonation and iron sulfides have not been observed at the Gulf site (Mills et al. 2008).  

Macrofauna densities at both sites were relatively low and dominated by spionid 

polychaetes (< 1000 m-2) and small amphipod crustaceans (< 5000 m-2) at the Bay site 

and orbiniid polychaetes (< 500 m-2) and small decapod crustaceans (< 2000 m-2) at the 

Gulf site. 

Pore-water Extraction 

   To obtain sediment profiles of dissolved nitrate, nitrite, and ammonium, Rhizon 

samplers (Rhizosphere Research Products) (Seeberg-Elverfeldt et al. 2005) were utilized 

by divers to extract pore-water directly from sediments in situ.  The Rhizon sampler 

consists of a 50 mm length porous polymer tube (2.5 mm diameter) connected to thin 

tygon tubing attached to a syringe via a Luer-Lock.  Polycarbonate core liners (9.5 cm 

diameter) with ports were pushed into the sediment and Rhizons were inserted 

horizontally into the ports at 1 cm intervals over a 10 cm depth span.  Rhizons and 

syringes were rinsed once with 0.5 mL of extracted pore-water followed by the collection 

of 2 mL of pore-water from each depth interval.  Samples were taken ashore immediately 

and stored on ice (4oC) until frozen (-20oC) within 4 to 6 hours. 

Seasonal N2 Production with Pore-water Perfusion 

 Intact sediment core incubations for N2 production rate determinations were conducted 

seasonally using the 15N isotope pairing technique of Nielsen (1992).  Sediment cores 
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(3.5 cm diameter) were collected to obtain 15 cm of sediment and 15 cm of overlying 

water.  Rubber bottom stoppers were fitted with valves to allow for pore-water perfusion 

according to DeBeer et al. (2005) (described below).  Seawater was also collected from 

each site.  Cores and seawater were transported to Florida State University (FSU; 

Tallahassee, FL) within 4 to 6 hours and were placed within a temperature controlled 

room set to match the ambient sediment temperature at the time of sampling.  Sets of 30 

cores from each site were incubated for each seasonal campaign.  Water overlying the 

cores was removed and replaced with seawater to which 50 mmol L-1 15N-nitrate (99 

atom %) was added.  Core tops were sealed with no gas headspace using rubber stoppers 

with valves.  Half of the cores (n=15) were subjected to pore-water perfusion by slowly 

forcing aerated seawater (with 15N-nitrate tracer) through the top stopper while allowing 

20 mL of pore-water to exit the bottom stopper.  The overlying water of all cores was 

mixed continuously at approximately 60 rpm during the incubations by externally-driven 

magnetic stir bars.  All incubations were conducted in the dark.  Three cores from each 

site and treatment were sacrificed at designated time points between 0 and 48 hours 

duration by adding one mL of zinc chloride (50% wt vol-1) to the sediment surface, re-

sealing the cores with no gas headspace, and inverting the cores to thoroughly mix the 

sediment and water.  After brief settling of the sandy sediment, water samples for 29N2 

and 30N2 determinations were transferred to 12 mL Exetainers pre-filled with 250 mL of 

50% (wt vol-1) zinc chloride.  To quantify the extent of 15N-NO3
- labeling of the 

overlying water, samples of seawater were filtered (0.2 mm) and frozen before and after 

tracer addition for later nitrate concentration determinations. 

   Rates of unlabeled nitrate denitrification to N2 (D14) were calculated based on the linear 

production of excess 29N2 and 30N2 (determinations described below) and the equations of 

Nielsen (Nielsen 1992).  The proportion of denitrification utilizing nitrate derived from 

benthic nitrification (% Dn) was calculated based on the extent of 15N enrichment of the 

overlying water NO3
- and the equations of Nielsen (Nielsen 1992).  The production of N2 

from anaerobic ammonium oxidation (anammox) was assessed using two sets of slurry 

incubations with 15N tracers (Thamdrup and Dalsgaard 2002) for each of the seasonal 

incubation events.  For these slurry incubations, site seawater was sparged with N2 to 

removed oxygen and was amended with either 100 mmol L-1 15N-nitrate (99 atom %) or 



 52 

100 mmol L-1 15N-ammonium (99 atom %) plus 100 mmol L-1 unlabeled nitrite. One mL 

of homogenized surface sediment (top 15 cm) was added to 12 mL Exetainers which 

were then filled with tracer-amended seawater leaving no headspace.  Vials were 

incubated at the ambient sediment temperatures measured at the time of sample 

collection.  For each site and treatment, 15 vials total were incubated and 3 vials were 

sacrificed at time points between 0 to 48 hours.  Incubations were stopped by adding 250 

mL of ZnCl2 and resealing the vials without headspace. 

Continuous Advection Chambers 

   During the August sampling campaign, stirred flux chambers were used to investigate 

net sediment-water interface fluxes of N2, O2, and DIN under continuous pore-water 

advection conditions.  The sediment chamber apparatus and configuration were nearly 

identical to that described by Huettel and Rusch (2000).  Briefly, stirring of the water 

column overlying sediment within cylindrical, closed chambers was used to create 

pressure gradients at the sediment-water interface.  These gradients in turn force 

overlying water into permeable sediment along the outer rim of the cores while drawing 

pore-water out at the center, thus creating radial pore-water flow.  These conditions 

simulate pressure gradients and pore-water advection found at sediment ripples. 

   In this study, five intact sediment cores (19 cm diameter, 11 cm sediment depth, and 13 

cm overlying water depth) were collected from the Gulf site using the chambers as core 

liners, and were transported to FSU.  The chambers with intact sediment cores were 

completely submerged in a tank of continuously-aerated seawater collected from the Gulf 

site.  One additional chamber with only seawater was also used.  Chambers were allowed 

to equilibrate for 48 hours by stirring the overlying water at 25 rpm while the chamber 

lids were open to the seawater tank.  At the onset of each experiment, the chamber lids 

were closed and the stirring speeds were adjusted.  Four different stirring rates were 

selected to mimic a range of in situ transport conditions: stirring at 10 rpm maintained a 

mixed water column with diffusion-limitted sediment-water interface transport conditions 

(Glud et al. 1996), 20 and 40 rpm provided intermediate advective pore-water exchange 

conditions, and 60 rpm was the maximum advection setting below the threshold for 

sediment resuspension.  These stirring rates correspond to pressure gradients at the 

sediment water interface of 0.02, 0.09, 0.44, and 1.10 Pa cm-1, respectively, determined in 
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separate calibration runs using a highly sensitive differential pressure gauge (Effa GA 

63).  Samples were withdrawn from sealable ports in the lids using gentle siphoning to 

avoid degassing or aeration of the samples.  Samples for O2:Ar and N2:Ar determinations 

were collected in Exetainers and preserved immediately by the addition of 20 mL half-

saturated HgCl2.  DIN samples were immediately filtered (0.2 mm) and frozen (-20oC).  

Each trial was run for 8 to 10 hours with 2 hours sampling intervals, with the exception of 

the 10 rpm trials which were sampled at zero hours and the endpoint.  Between each trial 

at different stirring rates, the lids were opened and the stirring speed was returned to 25 

rpm for 14 to 18 hours.  This procedure was used to re-equilibrate the overlying water 

dissolved gases to air-saturation concentrations.  The order of different stirring rate trials 

was randomly determined in order to help avoid biases from the previous trials.  

Procedures for determination of dissolved gas and DIN concentrations are described 

below. 

   Net benthic fluxes were calculated based on the linear regression of concentration time 

series measured for the 5 replicate cores, correcting for rates determined for the water-

only, blank chamber.  Total carbon oxidation rates were estimated as the sum of net O2 

flux, plus carbon oxidation by denitrification, less the rate of O2 comsumption by 

nitrification.  Carbon oxidation by denitrification was calculated based on the reaction of 

0.8 moles C oxidized per one mole NN2 produced.  Nitrification rates were approximated 

as the sum of  NNO3- and NN2 fluxes.  Oxygen consumed by nitrification was estimated as 

twice the nitrification rate.  For a detailed explanation of the rate calculations used here, 

see Canfield et al. (1993). 

Denitrification and Nitrification Potential Rates 

   Slurry incubations were performed to determine denitrification and nitrification 

potential rates, and to examine the temperature dependence of these processes at the Gulf 

site.  Denitrification and nitrification potential rates were determined over a range of 

temperatures using the 15N stable isotope tracer (Thamdrup and Dalsgaard 2002) and 

chlorate block (Belser and Mays 1980) techniques, respectively.  Samples of the upper 5 

cm of sediment from the Gulf and Bay sites were collected in June 2007 for potential rate 

measurements.  Anoxic slurry incubations for denitrification potential rate measurements 

were prepared in Exetainers as above with the modification that artificial seawater (20 g 
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NaCl, 3 g MgCl2*6H2O, 0.15 g CaCl2*2H2O, 0.2 g KH2PO4, and 0.5 g KCl per liter) was 

used in place of site seawater.   Incubation temperatures were controlled by placing the 

vials into a gradient block as described by Arnosti et  al. (1998).  Triplicate vials were 

incubated for each temperature and were sacrificed as above after 0, 4, and 8 hours 

duration.  Denitrification potential rates were calculated from measured rates of 29N2 and 
30N2 production from 15N-nitrate according to Thamdrup and Dalsgaard (2002). 

   For nitrification potential rate measurements, slurries were prepared in Erlenmeyer 

flasks each containing 8 g wet homogenized sediment, 50 mL filter-sterilized site 

seawater, 0.5 mmol L-1 (NH4)2SO4, and 10 mmol L-1 NH4ClO4.  Duplicate slurries were 

incubated at 10, 15, 21, 25, 30, and 35oC.  Control flasks amended with 200 mmol L-1 

allylthiourea in addition to the above constituents were also incubated for each 

temperature trial.  All flasks were open to the air and were continuously shaken in the 

dark.  Samples were withdrawn at 4 h intervals between 0 and 24 h, were filtered (0.2 

mm), and frozen (-20oC).  Nitrification potential rates were determined from linear 

regressions of nitrite accumulation over time. 

Analytical Procedures 

   Dissolved ammonium (NH4
+) was determined by colorimetry (Bower and Holm-

Hansen 1980).  Nitrate + nitrite (NOx
-) and nitrite (NO2

-) were determined by 

chemiluminescence after reduction with vanadium (Braman and Hendrix 1989) or iodide 

(Garside 1982), respectively.  Nitrate (NO3
-) was calculated as the difference between 

NOx
- and NO2

- concentrations.  Dissolved O2 and N2 were measured in parallel samples 

using a membrane inlet mass spectrometer (MIMS) configured and calibrated according 

to Kana et al. (1994) with the modification of removing oxygen from the inflow gas 

upstream of the mass spectrometer during N2 analyses by using an in-line quartz column 

packed with copper turnings heated to 600oC (Eyre et al. 2002).  Dissolved oxygen and 

dinitrogen gas concentrations were calculated from measured O2:Ar and N2:Ar, 

respectively assuming constant Ar concentrations (Kana et al. 1994).  Average 

coefficients of variation for N2 and O2 measurements were 0.014% and 0.030%, 

respectively.  The production of excess 29N2 and 30N2 in core and slurry incubations was 

calculated from dissolved 29N2:
28N2 and 30N2:

28N2 determined using a MIMS configured 

and calibrated according to An et al. (2001). 
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RESULTS 

In-situ Pore-water DIN Profiles 

   Vertical profiles of nitrate, nitrite, and ammonium determined for the Gulf and Bay 

sediments are shown in Figure 2.  Nitrate concentrations were relatively constant with 

depth at both sites and were slightly higher at the Gulf site (1.6 + 0.8 µmol L-1; mean of 3 

cores and all depths) compared to the Bay site (0.3 + 0.4 µmol L-1).  Profiles of nitrite 

also showed little variation with depth at either site and all measurements were less than 

0.4 µmol L-1.  Ammonium concentrations at the Gulf site increased from 2 to 7 µmol L-1 

near the sediment surface (0.5 cm) to approximately 15 to 25 µmol L-1 deeper within the 

sediment (2.5 to 9.5 cm).  Measurements from the Bay site showed a similar trend of 

increasing ammonium with depth, although the concentrations were higher overall, 

ranging from approximately 30 to 100 µmol L-1 below 2.5 cm depth. 

Seasonal Perfusion Core Incubations 

   The production of excess 29N2 and 30N2 was linear over a 48 hour period for all cores 

and treatments indicating a constant ratio of 15NO3
- to 14NO3

- in the denitrification zone 

was achieved (Eyre et al. 2002).  Denitrification rates (D14) determined during four 

seasonal sampling events spanning December 2007 to October 2008 are shown in Table 

1.  Incubation temperatures were established according to the ambient sediment 

temperature measured at the field sites during the time of sample collection.  Sediment 

temperatures were similar at the Bay and Gulf sites during each respective seasonal 

campaign and ranged from a minimum of 16oC in January up to 30oC in July.  D14 

quantified in Gulf cores without pore-water perfusion (‘non-percolated’) varied from 4 

mmol N m-2 d-1 in the fall up to 42 mmol N m-2 d-1 in the spring.  Those Gulf site cores 

which underwent pore-water perfusion (‘percolated’) had 2.3- to 20-fold higher N2 

production (69 to 199 mmol N m-2 d-1) than non-percolated cores.  Maximum rates were 

observed in the spring and fall whereas the most pronounced differences between 

percolated and non-percolated rates were in the winter and fall for the Gulf site.  Bay site 

core incubations all had denitrification rates below or slightly above the lower limit of 

detection (< 1 up to 10 mmol N m-2 d-1) with the highest rates observed with pore-water 
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percolation in the spring.  Coupled nitrification-denitrification rates (Dn) at the Gulf site 

during all seasons were consistently within the range of 86% to 95% as a fraction of total 

D14.  At the Bay site, the percentage of Dn was variable, from 5% with percolation in the 

fall up to 86% without percolation in the winter.  Anammox activity was not detected at 

either site during any of the seasonal incubation events. 

Chamber Experiments 

   Changes in dissolved O2 and N2 concentrations over time in continuously stirred 

chamber experiments are shown in Figure 3.  Mean fluxes of O2, N2, nitrate, and 

ammonium are shown in Table 2.  Net uptake of O2 was observed in all trials and 

increased from 5.96 mmol O2 m
-2 d-1 at 10 rpm up to 11.48 mmol O2 m

-2 d-1 at 60 rpm 

(Table 2).  Dissolved N2 efflux increased from  0.12 mmol N m-2 d-1 at 10 rpm up to 0.87 

mmol N m-2 d-1 at 60 rpm.  Mean fluxes were not significantly different between the 10 

and 20 rpm trials and the 20 and 40 rpm trials for both O2 and N2.  Nitrate fluxes at 10, 

20, and 40 rpm were not significantly different from zero net flux; nitrate flux was 

significantly different from other trials only at 60 rpm where the mean was 0.98 mmol N 

m-2 d-1.  Ammonium fluxes were generally less than 0.1 mmol N m-2 d-1 (with the 

exception of 0.44 + 0.44 mmol N m-2 d-1 at 10 rpm) with high variability between cores 

during each trial.  All mean ammonium fluxes were not statistically different than zero 

net flux. 

   Pathways and proportions of carbon oxidation and O2 utilization calculated from 

chamber flux measurements are shown in Table 3.  Total carbon oxidation increased 1.4-

fold from 5.87 mmol C m-2 d-1 up to 8.47 mmol C m-2 d-1, at 10 and 60 rpm respectively.  

Denitrification as a percent of total carbon oxidation increased 4.8-fold from 1.7% at 10 

rpm up to 8.2% at 60 rpm.  The mean nitrification rate was 20-times higher at 60 rpm 

(1.89 mmol N m-2 d-1) relative to the 10 rpm trials (0.10 mmol N m-2 d-1).  Nitrification as 

a percentage of total O2 consumption increased 10-fold from 3% to 32% between 10 and 

60 rpm, respectively. 

Temperature Regulation of Denitrification and Nitrification 

   Slurry incubations were performed to determine denitrification and nitrification 

potential rates, and to examine the temperature dependence of these processes at the Gulf 
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site.  Denitrification potential rates ranged from below detection (< 1 mmol N m-2 d-1) up 

to 230 mmol N m-2 d-1 with an optimum observed within a narrow temperature range of 

23oC to 32oC (Fig. 4).  Nitrification potential rates for the Gulf site were below detection 

(<100 mmol N m-2 d-1) at 10oC and increased linearly (r2=0.84) between 15oC (mean 215 

mmol N m-2 d-1) and 35oC (mean 1100 mmol N m-2 d-1).   Nitrification was not detectable 

(<100 mmol N m-2 d-1) at the Bay site using the chlorate block potential rate method. 

 

DISCUSSION 

Seasonal and Transport Controls of Gulf and Bay Benthic N2 Production 

   Intact sediment core perfusion treatments resulted in accelerated N2 generation 

indicating that substrate availability was elevated due to pore-water advection.  

Anammox was not detectable here and therefore organic carbon and nitrate are proposed 

as the major requirements for N2 production via heterotrophic denitrification.  Although 

the transfer of organic carbon from the water column into permeable sediment interstitial 

space can be important in fueling benthic respiration (Huettel and Rusch 2000), nitrate 

did not accumulate to high levels in pore-water (< 5 mmol L-1; Fig. 2) and its availability 

is likely a limiting factor.  Two mechanisms for increased nitrate availability with pore-

water perfusion are: 1) delivery of nitrate from the water column into zones of 

denitrification; and 2) stimulation of nitrogen mineralization and ammonium oxidation to 

produce nitrate within the sediment.  Water column nitrate concentrations were 

consistently low throughout the year at the Gulf site (0.4 to 2 mmol L-1; Table 1) and 

pore-water nitrate concentrations typically exceeded water column nitrate levels (Fig. 2).  

Therefore, the advective influx of overlying water does not appear to provide a 

substantial source of nitrate for benthic denitrification at this site.  Tight nitrification-

denitrification coupling at the Gulf site (Dn > 85%) is consistent with the hypothesis that 

N2 production was enhanced by the advective transport of oxygen and stimulation of 

nitrifying bacteria to produce nitrate under these conditions.  These results agree well 

with flow through reactor experiments where N2 production in aerobic sand columns was 

predominantly attributed to coupled nitrification-denitrification (Rao et al. 2008). 

   An order of magnitude disparity between denitrification rates determined for the Gulf 

and Bay sites (0.071 and 0.04 mmol N m-2 d-1, respectively; mean seasonal percolated 
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rates) suggests that the major dissimilarities in site characteristics, which include higher 

water column nitrate concentrations, higher organic matter loading, lower bottom water 

current intensity, and less influence of episodic resuspension of sediment at the Bay site, 

play an important role in controlling nitrogen removal.  Calculations of coupled 

nitrification-denitrification rates indicate that N2 production at the Bay site is less 

dependent on benthic nitrification and thus both the delivery of water column nitrate and 

increased nitrification during perfusion were important factors in accelerating 

denitrification (Table 1).  Single-pulse perfusion increased denitrification rates by only 

1.2 to 1.6-fold in Bay sediments compared to a 2.3 to 20-fold increase with percolation in 

the Gulf.  This smaller effect of surface sediment aeration at the Bay site, and the lack of 

detectable nitrification using chlorate block assays, suggests that nitrification inhibition 

may be limiting denitrification at the Bay sites.  Aerobic ammonia-oxidizing bacteria are 

particularly sensitive to sulfide and the inhibition of nitrification by sulfide has been 

described in a number of estuarine ecosystems (Joye and Hollibaugh 1995; Dollhopf et 

al. 2005).  Apalachicola Bay permeable sediments typically develop distinct anoxic, 

sulfide-rich zonation below 1 to 4 cm depth; during summer, this zone may be reduced to 

1-2 mm, locally breaching the surface. The establishment of anoxic conditions, and 

accumulation of sulfide, is attributable to higher organic matter deposition, less-intense 

bottom water currents, and infrequent sediment resuspension events relative to the Gulf 

site sediments which are typically oxic or suboxic up to 30 cm depth.  Therefore, aeration 

of surface layers during core perfusion may temporarily lower sulfide concentrations and 

allow a brief pulse of nitrification in Bay sediments.  Benthic photosynthesis may also 

lead to increased aeration of the surface layers, stimulating coupled nitrification-

denitrification (An and Joye 2001).  However, the nitrifying communities at this site 

appear to be poorly established as evidenced by nitrification levels undetectable by 

potential rate experiments.  Thus, sulfide inhibition of nitrification, in concert with 

changes in water column nitrate concentrations, likely control denitrification rates at the 

Bay site. 

   Seasonally, the highest denitrification rate at the Bay site (April) corresponded with a 

period of high water column nitrate concentration (Table 1), substantiating the 

importance of water column nitrate availability at this site.  Water column nitrate levels 
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within Apalachicola Bay are controlled primarily by the discharge of nitrate-rich water 

from the Apalachicola River and mixing with lower nitrate marine water entering the Bay 

via St. George Sound (Mortazavi et al. 2001).  Riverine nitrate input to Apalachicola Bay 

follows the seasonal pattern of river discharge with lower flow during the summer and 

higher flow during the winter (Mortazavi et al. 2000) which is generally reflected in 

higher nitrate levels in the winter (8.7 µmol L-1, November to April; average of monthly 

water column nitrate measurements from 2002 to 2006) and lower levels during the 

summer (4.5 µmol L-1, May to October, 2002 to 2006) (National Oceanic and 

Atmospheric Administration 2004).  Production of N2 in Apalachicola Bay sediments has 

not been directly measured previously, although denitrification calculations based on 

DIN fluxes indicated a mean annual rate of 1.5 mmol m-2 d-1 (Mortazavi et al. 2000).  

Thus, when water column nitrate concentrations are high, the advective input of water 

nitrate is likely an important control of denitrification in Apalachicola Bay permeable 

sediments. 

Quantification of Fluxes under Continuous Pore-water Advection 

   To our knowledge, sediment-water interface fluxes of dissolved inorganic nitrogen (N2, 

NH4
+, and NO3

-) and nitrogen transformation pathways for intact permeable sediments 

have not been investigated previously under ambient conditions, without substrate 

amendments, and continuous pore-water advection.  Although previous modeling 

experiments predicted that advection chambers would require up to 5 days to reach 

steady-state after changing transport regimes (Cook et al. 2006), linear N2 production and 

O2 consumption (Fig. 3) illustrated no such restraints in our experiments.  Such lag 

effects are likely limited to lower permeability sands having a high percentage of fine-

grain material (Glud et al. 1996).  Changing flow conditions from diffusion-limited 

transport up to strong advective pore-water circulation demonstrated clearly an increase 

in O2 uptake and N2 production (Table 2).  The increase in oxygen consumption from 

diffusive to advective conditions (1.9-fold) is similar to that observed in previous coarse- 

and medium -rained sand chamber experiments (Janssen et al. 2005). 

   A direct comparison of N2 fluxes determined in other marine permeable sediments is 

impeded by a lack of previous studies using intact sediments under advective transport 
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conditions.  Previous reports of N2 production rates for coastal permeable sediments 

using conventional benthic chambers (Devol 1991; Devol and Christensen 1993; Laursen 

and Seitzinger 2002) and static intact core incubations (Lohse et al. 1996; Eyre and 

Ferguson 2005; Vance-Harris and Ingall 2005) found a large range of denitrification rates 

from 0.02 mmol N m-2 d-1 up to 3.19 mmol N m-2 d-1.  However, these experiments in the 

absence of pore-water advection likely provide an unrealistic estimation of denitrification 

over a range of in situ transport conditions in permeable sediments.  Stirred chamber 

experiments amended with 250 mmol L-1 NO3
- showed increased denitrification (1.68 to 

3.12 mmol N m-2 d-1) with increased pore-water flushing in sandy sediment from the 

Øresund Strait, Denmark (Cook et al. 2006).  Rates of denitrification determined for 

South Atlantic Bight sediments using constructed sand columns (0.25 to 1.46 mmol N m-

2 d-1; Rao et al 2007) were comparable to those quantified here using chambers with 

continuous pore-water circulation (0.26 to 0.87 mmol N m-2 d-1; 20 to 60 rpm).  Model 

simulations which combined predictions of biogeochemical reactions and pore-water 

flow have estimated rates of denitrification within the range of 0.24 to 0.35 mmol N m-2 

d-1 in coastal permeable sediments (Cardenas et al. 2008).  Our measurements of N2 flux 

in chambers are also similar to model-predicted benthic denitrification rates (0.69 mmol 

N m-2 d-1) for the shelf sediments of the North Atlantic Basin (Seitzinger and Giblin 

1996) . 

   Our observations showed substantially increased benthic respiration rates with no 

significant variation in ammonium flux during increased pore-water flushing (20, 40, and 

60 rpm; Table 2).  This complete nitrification of mineralized nitrogen in Gulf sediments 

under these conditions is also supported by in situ pore-water profiles indicating 

nitrification (increased nitrate) occurring throughout the surficial sediment layers 

concurrent with ammonium accumulation an order of magnitude less than many fine-

grained sediments with similar carbon oxidation rates (e.g. Canfield et al. 1993).  These 

results are in contrast with numeric models of sandy sediments, set at 2 × 10-11 m2 

permeability, which predicted that coupled nitrification-denitrification is highest under 

diffusive conditions and is suppressed during pore-water flushing due to the efflux of 

ammonium across the sediment-water interface without passing through zones of aerobic 

nitrification (Cook et al. 2006).  Clearly in our Gulf of Mexico sediment chambers, zones 
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of nitrification (ammonium oxidation) were not so severely separated from zones of 

organic matter mineralization (ammonium production), analogous to a scenario of 

rapidly-shifting ripples to create a “redox-sealed sediment” (Precht et al. 2004).  

Experiments using stirred chambers demonstrated increasing nitrate efflux and 

decreasing ammonium efflux for fine, medium, and coarse-grained sediments (Janssen et 

al. 2005).  Thus, the lower limit of permeability necessary for pore-water flushing 

appears to be an important characteristic in predicting changes in DIN flux and coupled 

nitrification-denitrification with changes in bottom water current velocity.  Furthermore, 

model simulations have predicted an upper threshold of sediment permeability (~ 6 × 10-

11 m2) where nitrate reduction rates decrease with increased flushing capacity, 

presumably due to extensive aeration leading to a lack of anoxic zones for denitrification 

and thus a lack of nitrate consumption (Cardenas et al. 2008).  Experimental results 

indicated that denitrification can occur in well-aerated sandy sediment, however, possibly 

in anoxic microzones (Rao et al. 2008).  Knowledge of sediment permeability, and the 

range of potential flushing rates, is therefore essential for predicting nitrate and 

ammonium fluxes, the extent of N removal, as well as the importance of nitrification in 

controlling denitrification, in sandy sediments. 

Pathways of Benthic Respiration in Gulf Sands 

   Determinations of total oxygen uptake, combined with calculations of respiration 

pathways, provide additional insight into the controls of denitrification under varied 

solute transport conditions.  Total organic matter mineralization can be approximated by 

considering total oxygen consumption as an integration of aerobic heterotrophy, 

nitrification, and the oxidation of anaerobic respiration products (Canfield et al. 1993).  

This approach assumes complete reoxidation and internal recycling of reduced 

compounds, i.e. there is no significant efflux of S2-, Mn2+, or Fe2+ in areas of upwelling 

pore-water and that sedimentary electron sinks, e.g. pyrite formation, are not significant 

(Canfield et al. 2005).  This assumption is supported in our chamber experiments by the 

lack of significant NH4
+ efflux indicating surface layer aeration sufficient for reoxidation 

processes.  With increasing pore-water flushing, nitrification showed the largest change 

amongst the determined respiration pathways with a 18-fold increase in the nitrification 

rate and a shift in nitrification from only 3% of oxygen consumption under diffusive 
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conditions up to 32% of total oxygen demand with pore-water flushing (Table 3).  

Clearly, the advection of O2-rich overlying water into the sediment had a strong effect on 

nitrate production.  Concurrently, denitrification as fraction of organic carbon oxidation 

increased 5-fold from 1.7% to 8.2%.  Thus, although total organic carbon oxidation 

increased 1.4-fold between 10 and 60 rpm, the relative contribution of heterotrophic 

pathways other than denitrification decreased under greater pore-water circulation.  This 

shift in respiration pathways was likely the result of suppressing strictly anaerobic 

microbial metabolism (e.g. metal- and sulfate-reduction) by aeration of the sediment and 

increasing competition for electron donors due to the higher energy yield from nitrate 

reduction over other terminal electron acceptors (Froelich et al. 1979). 

   At low to moderate pore-water advection (20 and 40 rpm), increases in nitrification and 

nitrate reduction to N2 were observed without a significant change in nitrate flux, 

demonstrating a clear link between nitrification and denitrification.  Under these 

conditions, ammonium and nitrate effluxes were not significantly different than zero and 

thus virtually all mineralized nitrogen was removed as N2.  These results emphasize that 

the limiting step in N2 production was the oxidation of ammonium to produce nitrate 

rather than ammonium production itself because the rate of denitrification was small 

relative to carbon oxidation and ammonium mineralization.  At the highest advection rate 

(60 rpm), nitrification outpaced the reduction of nitrate to N2 and thus, nitrate efflux was 

observed.  Two possible explanations for nitrate efflux under high advection are: 

respiration processes including nitrate reduction become limited by the availability of 

organic matter advected from the water column and that present in the sediment; or, as 

the sediment becomes more aerated, nitrate produced from benthic nitrification is flushed 

from the sediment without passing through suboxic zones of denitrification.  Future 

experiments are needed to test these hypotheses. 

Temperature Regulation of Gulf Sediment Nitrification and Denitrification 

   Results of temperature gradient potential rate slurry experiments showed that both the 

nitrifying and denitrifying populations were optimized for growth at mesophilic 

temperature with similar optimal ranges (Fig. 4).  Nitrification showed a direct, linear 

correlation with temperature up to the optimum at, or above, 35oC.  In contrast, 

denitrification showed a very narrow optimum between 23oC and 32oC with exponential 



 63 

declines in growth outside of the optimal range, demonstrating limited functional 

diversity of the denitrifying population with respect to temperature.  These growth optima 

correspond to summer sediment temperatures, suggesting that the observed peaks in 

denitrification during other seasons at the Gulf site are due to seasonal environmental 

factors besides temperature. 

Implications for Benthic Nitrogen Cycling in the Environment 

   A new perception of sandy sediment biogeochemistry has emerged recently with the 

discoveries of advective transport of interstitial water and accelerated benthic respiration 

during flow-induced pore-water exchange in permeable sediments.  Our study addressed 

the questions: what is the fate of nitrogen mineralized during rapid carbon oxidation 

turnover stimulated by advective pore-water exchange?; and, do permeable sediments 

remove substantial amounts of reactive nitrogen via N2 production?  Prior evidence 

suggested that coastal, permeable sediments are important sinks for reactive nitrogen, 

although these hypotheses had not been tested using intact sediment incubations 

combined with high-precision rate determinations and respiration pathway calculations. 

   In this study, continuous advection experiments, together with the pulse-perfusion 

incubations, provide evidence that permeable sediment incubations without pore-water 

advection will not capture a realistic continuum of respiration rates and will 

underestimate denitrification.  Our results show nearly complete conversion of 

mineralized nitrogen to N2, implying that the sandy Gulf of Mexico benthos are not a 

significant source of regenerated, bioavailable nitrogen for supplying water column 

production except under strong pore-water flushing conditions.  In summary, during 

periods of high hydraulic energy and intense advective pore-water exchange, nitrogen 

mineralization, aerobic ammonium oxidation, and nitrate reduction to N2 are accelerated, 

and excess nitrate is lost to the overlying water.  During more calm conditions, with low 

to moderate pore-water flushing, denitrification is slower due to nitrate limitation and 

mineralized nitrogen in retained within the sediment or lost as N2.  Thus, denitrification 

rates and controls may vary temporally on scales as short as minutes due to changes in 

wave and bottom current energy, but also seasonally as a response to nitrate availability, 

in the case of Apalachicola Bay sediments, and annual cycles of storm events affecting 

both sites. 
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   Although the extent of pore-water flushing and water column nitrate concentrations are 

important controls on denitrification in Gulf of Mexico and Apalachicola Bay permeable 

sediments, other environmental variables may also impart essential restraints.  

Microphytobenthos can influence nitrate availability on a diel scale, accelerating coupled 

nitrification-denitrification during oxygen production and aeration of nitrification zones 

(An and Joye 2001), but also suppressing nitrification-denitrification due to competition 

for bioavailable inorganic nitrogen between macronutrient demand (assimilatory 

processes) and nitrification (Risgaard-Petersen 2003).  Daylight benthic O2 production in 

excess of 80 mmol m-2 d-1 (Mills et al. 2008), and oxygen super-saturation down to 5 mm 

depth (Gihring et al., unpubl. data), has been observed in St. George Island sublittoral 

sandy sediments, although the effects of diel photosynthetic cycles on denitrification have 

not been explored here.  Changes in regional water column primary production are likely 

an important factor in seasonal denitrification, as rapid, short-term increases in benthic N2 

production have been shown to occur in response to phytodetritus deposition events 

(Gihring et al. 2009).  Future changes in salinity with prolonged drought, freshwater 

diversion, and decreasing river discharge to Apalachicola Bay (Ruhl 2005) may affect 

coupled nitrification-denitrification rates due to more extensive and frequent sulfide 

inhibition (Joye and Hollibaugh 1995).  To address these variables, further experiments 

directed towards understanding the combined controls of pore-water advection, 

permeability, bioirrigation, salinity, water column nitrate levels, and microphyotbenthic 

processes are needed. 
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TABLES 

Table 2.1.  Results of seasonal denitrification rate determinations using intact cores with 
and without single-pulse pore-water perfusion (“percolation”). 
 

Site Date Sediment Seawater Denitrification (D14) Nitrification-denitrification (Dn) 

  
temperature 

(oC) 
NO3

- 
(µmol L-1) 

Percolated 
(µmol N m-2 d-1) 

Non-percolated 
(µmol N m-2 d-1) 

in % of D14.  Perc., Non-perc. 
(%) 

Gulf Dec 2007 18 1.1 53 7 93, 94 

Gulf Apr 2008 21 2.0 97 42 94, 88 

Gulf Jul 2008 30 0.4 35 15 94, 93 

Gulf Oct 2008 23 1.8 100 5 95, 86 
        

Bay Jan 2008 16 0.6 < 1 <1 n/a, 86 

Bay Apr 2008 23 4.8 10 8 30, 24 

Bay Jul 2008 28 0.7 5 3 52, 45 

Bay Oct 2008 22 0.9 1 <1 13, 5 
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Table 2.2.  Sediment-water interface fluxes of N2, O2, nitrate, and ammonium determined 
for continuously stirred sediment chambers. 
 
 

Pressure gradient O2 flux* N2 flux NO3
- flux NH4

+ flux 

(Pa cm-1) (mmol N m-2 d-1) (mmol O2 m
-2 d-1) (mmol N m-2 d-1) (mmol N m-2 d-1) 

“10 rpm” -5.96 + 1.10 (a) 0.125 + 122 (a) -0.030 + 0.04 (a) 0.443 + 0.44 (a) 

“20 rpm “ -6.48 + 0.42 (ab) 0.258 + 48 (ab) -0.030 + 0.16 (a) 0.059 + 0.10 (a) 

“40 rpm “ -7.63 + 0.52 (b) 0.395 + 92 (b) 0.105 + 0.15 (a) 0.054 + 0.39 (a) 

“60 rpm “ -11.48 + 0.37 (c) 0.867 + 168 (c) 0.982 + 0.14 (b) 0.099 + 0.90 (a) 

 
*Values are the mean of five chambers (+ one standard deviation) corrected for rates 
observed in the water-only chamber.  Negative values indicate net influx whereas 
positive values indicate net efflux.  Statistical significance between mean fluxes were 
determined using one-way Analysis of Variance (ANOVA) and Tukey’s pairwise tests.  
Means which were not significantly different (at a family error rate of 0.05) are indicated 
by the same letter designation (parentheses). 
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Table 2.3.  Calculated rates and pathways of organic carbon oxidation and O2 utilization 
based on fluxes determined in continuously-stirred chambers. 
 

Pressure 
gradient 

Total C 
oxidation 

Denitrification, 
 % of C ox. 

Nitrification 
 

Nitrification, 
% of O2 flux 

(Pa cm-1) (mmol C m-2 d-1) (%) (mmol N m-2 d-1) (%) 
“10” 5.87 1.7 0.10 3 
“20” 6.23 3.3 0.23 7 
“40” 6.94 4.6 0.50 13 
“60” 8.47 8.2 1.85 32 
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FIGURES 

 

 

Figure. 2.1. Map of the Apalachicola Bay estuary. 
The Gulf and Bay sampling sites are indicated by circled crosses. 
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Figure 2.2. Profiles of dissolved inorganic nitrogen in pore-water collected using in situ 
samplers at the Gulf (A, B, C) and Bay (D, E, F) sites in the summer of 2008. 
Different symbols indicate replicate profiles. 
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Figure 2.3.  Nitrification (A) and denitrification (B) potential rates determined over 
varied temperature conditions. 
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Figure 2.4.  Dissolved oxygen and dinitrogen gas conentrations determined under 
continuous pore-water advection using stirred chamber experiments. 
Different symbols indicate replicate cores. 
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ABSTRACT 

Results from a study of benthic nitrogen cycling in two Arctic fjords are presented.  Intact 

sediment core incubations were used to quantify net fluxes of dissolved inorganic 

nitrogen, organic nitrogen, organic carbon, and oxygen across the sediment-water 

interface.  Rates of gross denitrification, anammox, nitrification, dissimilatory nitrate 

reduction to ammonium, and N2 fixation were quantified using core incubations and 

slurry experiments.  Profiles of dissolved inorganic nitrogen in pore-water, and organic 

carbon and nitrogen contents in the solid phase, were also obtained.  Net nitrogen losses 

as N2, measured directly as changes in N2:Ar, ranged from 152 to 453 µmol N m-2 d-1.  

Denitrification, as determined using 15N-NO3
- tracers, comprised 2% to 11% of total 

carbon oxidation.  Rates of anammox ranged from 20 to 51 µmol N m-2 d-1 and 

contributed 5% to 23% of gross N2 generation.  Nitrification rates were as high as 833 

µmol N m-2 d-1 and sediments were a substantial source of nitrate to the water column 

(169 to 393 µmol N m-2 d-1 efflux).   Uptake of ammonium (52 to 87 µmol N m-2 d-1), 

dissolved organic nitrogen (291 to 486 µmol N m-2 d-1), and dissolved organic carbon 

(1313 to 2504 µmol N m-2 d-1) was observed.  Dissimilatory nitrate reduction to 

ammonium and net N2O production were not detected.  This study provides direct 

evidence indicating that nitrogen loss rates, mainly via denitrification, in Arctic 

sediments rival those measured in temperate or subtropical environments. 
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INTRODUCTION 

   In the Arctic Ocean, where nearly half of the seafloor is comprised of relatively shallow 

continental shelf, a large fraction (up to 80%) of water column production is deposited 

and subsequently degraded or buried in shelf sediments (Hansell and Goering 1990; 

Wassmann 1991).  Understanding nitrogen cycling in polar regions is imperative as the 

Arctic Ocean is experiencing shifts in historic trends of air temperature, ice cover, coastal 

upwelling, and marine primary production (Serreze et al. 2007; Arrigo et al. 2008).  

However, nitrogen sinks, sources, and transformations are at present poorly understood in 

coastal Arctic sediments compared to their temperate or subtropical counterparts. 

   Previous studies of carbon and nitrogen cycling in Arctic sediments have focused 

primarily on quantifying overall rates of organic matter mineralization in the Bering-

Chukchi-Beaufort Seas, Svalbard and the Barents Sea, and the coasts of Greenland (Table 

1).  The consensus of previous work indicates that rates of microbial activity in 

permanently cold sediments (< 2oC) are similar to warmer coastal environments and 

labile carbon availability is a stronger control of benthic respiration than temperature 

(Arnosti et al. 1998; Glud et al. 1998; Thamdrup and Fleischer 1998).  In agreement with 

trends observed for overall benthic respiration rates, nitrogen mineralization rates in cold 

sediments appear comparable to temperate environments.  Measured rates of nitrification 

have generally been high, particularly in areas with surface sediment aeration by benthic 

fauna (Henriksen et al. 1993), consistent with evidence that nitrifying bacterial 

communities are well-adapted to low temperatures (Thamdrup and Fleischer 1998).  

Marine nitrogen fixation has gained considerable attention as an important source of 

bioavailable nitrogen for primary production (Karl et al. 2002; Deutsch et al. 2007a), 

although to our knowledge, few nitrogen fixation measurements in Arctic sediments have 

been reported (Table 1). 

  Previously measurements of benthic denitrification in the Arctic using the 15N tracer 

isotope pairing technique (Nielsen 1992) ranged from 0 to 100 µmol N m-2 d-1 in the 

Barents Sea, up to 630 µmol N m-2 d-1 in Svalbard fjords, and showed intermediate rates 

along the Greenland coasts (Table 1).  Rates of net N2 flux were up to 2800 µmol N m-2 

d-1 in the Bering-Chukchi Seas and were measured using benthic chambers and 

measurements of [N2] using gas chromatography (Devol et al. 1997).  Within the last 
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decade, anammox has gained recognition as an important pathway for N2 production in 

coastal sediments and hypoxic zones (Hulth et al. 2005; Kuypers et al. 2005b) and may 

be particularly prevalent in cold environments (Dalsgaard & Thamdrup 2002).  Rates of 

anammox can be measured using IPT, although in sediments with co-occurring anammox 

and denitrification, additional treatments and modified calculations must be applied to 

avoid overestimating N2 production (Risgaard-Petersen et al. 2003).  Presently, the only 

anammox measurements for the Arctic sediments were conducted along the coasts of 

Greenland where N2 production by anammox accounted for up to 35% of total microbial 

N2 production and anammox populations appeared to favor cold, stable conditions with 

high NO3
- availability (Rysgaard et al. 2004).  Anammox has also been detected in Arctic 

sea ice (Rysgaard et al. 2008). 

   In this study, benthic nitrogen and carbon cycling were studied in fjords of Svalbard 

which are situated on the eastern edge of the Fram Strait, the major deep-water passage 

between the North Atlantic and Arctic Ocean (Fig. 1).   Objectives of this study were: 1) 

to directly determine rates of net nitrogen loss as N2; 2) compare rates of gross N2 

production via denitrification and anammox at two sites with dissimilar overall benthic 

respiration rates; and 3) quantify fluxes of nitrate, ammonium, nitrous oxide, dissolved 

organic nitrogen, dissolved organic carbon, and oxygen across the sediment-water 

interface.  We hypothesized that net N2 fluxes would be comparable to more temperate 

coastal sediments and the importance of anammox in N2 production would be inversely 

correlated with overall rates of benthic respiration.  These data provide one of the most 

complete studies of benthic fluxes, and one of the few reports of anammox, in the Arctic. 

 

MATERIALS AND METHODS 

Study Sites and Sampling Procedures 

   Samples were collected during two cruises in August 2007 and 2008 onboard the 

Norwegian R/V FARM within two fjords along the northwestern coast of Spitsbergen, 

the largest island in the Svalbard archipelago (Fig. 1). Atlantic Water moving poleward 

along the western continental slope of the Svalbard islands (the West Spitsbergen 

Current) entrains shelf water and exchanges with bottom water in Svalbard fjords (Rudels 

et al. 2000; Cottier et al. 2005).  The northward West Spitsbergen Current then branches 
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to either join with the Atlantic Return Current to the west or enter the Arctic Basin to the 

north and east (Manley 1995). 

   The two sampling sites, Smeerenburgfjorden and Kongsfjorden, are described in Table 

2.  Sediments at both sites had worm burrows although their density was much greater at 

Smeerenburgfjorden.  A Haps corer (Kanneworff and Nicolaisen 1973) was used to 

collect sediment for subcoring and bottom water was obtained using a Niskin bottle.  Sea 

water and cores were stored outdoors at ambient air temperature (0 to 3oC).  Sediment 

pore-water was collected onboard the ship’s deck using Rhizon samplers (Rhizosphere 

Research Products) inserted horizontally into side ports of 9.5 cm diameter subcores 

(Seeberg-Elverfeldt et al. 2005); samples were frozen  at - 20oC.  Carbon content and 

atomic C:N of bulk sediments were determined for cores (0 to 5 cm depth) frozen on site 

and transported to Florida State University.  Sediments were freeze-dried, homogenized 

by grinding with mortar and pestle, and split into two halves, one for nitrogen analyses 

and the other for carbon analyses from which inorganic carbon was removed by washing 

with 10% HCl.  Total weight percents of nitrogen and organic carbon were determined 

using an elemental analyzer at the National High Magnetic Field Laboratory Isotope 

Geochemistry Facility (Tallahassee, Florida). 

Denitrification and Anammox 

   The 15N tracer isotope pairing technique, according to Nielsen (1992) and modified by 

Risgaard-Petersen et al. (2003), was applied for the determination of anammox and 

denitrification rates within intact sediments cores.  Two  independent tracer treatments 

were conducted: 1) 50 µmol L-1 15N-nitrate (99 atom %); and 2) 50 µmol L-1 15N-

ammonium (99 atom %), 50 µmol L-1 15N-nitrate (99 atom %), and 200 µmol L-1 

allylthiourea.  A set of 15 cores (3.5 cm diameter with 15 cm sediment and 15 cm water) 

was incubated for each site and tracer treatment.  Water overlying the sediment was 

removed and replaced with site bottom water amended with tracers according to 

treatments (1) and (2) above.  Cores were sealed without gaseous headspace using rubber 

stoppers and the overlying water was mixed continuously by externally-driven magnetic 

stir bars.  Three cores were sacrificed at each designated time point by adding 1 mL of 

zinc acetate (20% wt vol-1) to the sediment surface and gently mixing the sediment and 
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water with a metal rod.  Samples for measuring the rates of 29N2 (
14N15N) and 30N2 

(15N15N) production were transferred to 12 mL Exetainers (Labco Limitted, UK) pre-

filled with 250 µL zinc chloride (50% wt vol-1).  Seawater samples were filtered and 

frozen before and after tracer addition for later nitrate and ammonium concentration, and 
15N:14N labeling of NH4

+ and NO3
-, determinations.  All denitrification and anammox 

core incubations were carried out in the dark within a temperature controlled 

environmental chamber at the Kings Bay Marine Laboratory in Ny-Ålesund, Svalbard. 

   To determine the relative contribution of anammox to N2 production, slurry incubations 

were prepared according to Thamdrup and Dasgaard (2002).  Artificial sea water (ASW) 

was constructed at 38 ppt (27.5 g NaCl, 5.9 g MgCl2×6H2O, 1.5 g CaCl2×2H2O, 7.2 g 

MgSO4×7H2O, 0.21 g KH2PO4, and 0.76 g KCl per liter) and was diluted with de-ionized 

water to match the bottom water salinity of each site.  After dilution, ASW was sparged 

with helium and amended with 100 µmol L-1 15N-nitrate (99 atom %).  One mL of 

homogenized sediment from the upper 5 cm was added to 12 mL Exetainers which were 

then filled with ASW leaving no headspace.  For each site, 15 vials total were incubated 

with 3 vials sacrificed at time points from 0 to 48 hours.  Incubations were stopped by 

adding 250 µL of ZnCl2 and resealing the vials without headspace.  Denitrification and 

anammox rates were calculated according to equations (1) and (2) described below. 

   Volumetric rates of anammox and denitrification in a vertical profile of 

Smeerenburgfjorden sediment were determined using bag slurry incubations.  Cores were 

sectioned at 2 cm intervals and sediment was sealed within gas-impermeable foil bags 

along with helium-sparged bottom water containing 50 µmol L-1 15N-nitrate (99 atom %).  

The bag slurries were incubated at 1.5oC.  Samples for measuring rates of 29N2 and 30N2 

production were withdrawn from the bags at 12 h intervals and were preserved in 5 mL 

Exetainers with ZnCl as above.  Denitrification and anammox rates were calculated from 

ratios of excess 29N2 and 30N2 production according to equations (1) and (2) below. 

   For incubations conducted in 2007, concentrations of excess 29N2 and 30N2 were 

calculated from 29N2:
28N2 and 30N2:

28N2 of helium-equilibrated headspace (2 mL) in 

Exetainers determined by gas chromatography isotope ratio mass spectrometry.  Excess 
29N2 and 30N2 concentrations for incubations conducted in 2008 were calculated from 

dissolved 29N2:
28N2 and 30N2:

28N2 measured using a membrane inlet mass spectrometer 
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configured and calibrated according to An et al. (2001).  Rates of excess 29N2 (p29) and 
30N2 (p30) production were based on linear regressions of 29N2 and 30N2 concentration 

time series. 

  Rates of denitrification and anammox in slurries and bag incubation with 15NO3
- 

amendments were determined using the equations of  Thamdrup and Dalsgaard (2002): 

     (1) denitrification = p30 × FN
-2 

     (2) anammox = (p29 × FN
-1) - [denitrification × 2 × (1 - FN)] 

where FN was the fraction of 15N in nitrate.  

   Rates of 14N2 production (p14) in core incubations with 15NO3
- tracer addition (treatment 

1 above) were determined according to Risgaard-Peterson (2002): 

     (3) p14 = 2 × r14 × [p29 + p30 × (1 - r14)] 

The 14N:15N ratio of NO3
- undergoing reduction to N2 (r14) was determined as follows: 

     (4) r14 = [R29 × (1 - ra) - ra] × (2 - ra)-1 

where R29 was the ratio of p29 to p30 and ra was the relative contribution of anammox to 

gross N2 production determined in slurry incubations.  Rates of anammox in cores 

amended with allylthiourea (an inhibitor of nitrification; Jensen et al. 2007), 15NH4
+, and 

14NO3
- (treatment 2) were estimated based on the production of excess 29N2.  Linear rates 

of N2 production over time in cores (p14; µmol N L-1 d-1) were normalized to sediment 

area (µmol N m-2 d-1) by multiplying p14 by the total volume of water in the core (pore-

water and overlying water) and dividing by the core area (Dalsgaard et al. 2002).  All 

rates and fluxes pertaining to nitrogen species in this study were normalized to one atom 

nitrogen. 

Net Fluxes of Dissolved Nitrogen, Organic Carbon, and Oxygen 

   Intact core incubations were used to measure net fluxes of dissolved N2, O2, inorganic 

nitrogen, organic nitrogen, and organic carbon.  Four to six cores were incubated for each 

set of experiments and one to three core tubes containing only seawater were used as 

blank controls.  Cores were preincubated by submerging them in a tank filled with site 

bottom water held at constant temperature in a controlled environment chamber.  The 

water overlying each core was equilibrated with air and circulated continuously overnight 

using air-lift pumps (Cornwell et al. 1999).  A container of bottom seawater for sample 



 78 

water replacement was equilibrated continuously by sparging with air.  Following 

preincubation and equilibration, all cores were sealed with gas-tight caps fitted with 

sealable sampling ports.  During the 2008 incubations, 3 of 6 cores from each site also 

received 50 µmol L-1 15NO3
- for measuring rates of dissimilatory nitrate reduction to 

ammonium (DNRA).  The water overlying each core was stirred at 70 revolutions per 

minute using laboratory stir bars driven by an external magnet.  Overlying water samples 

were withdrawn and replaced with air-equilibrated seawater at 6 to 12 hour intervals for 

up to 60 hours. 

   Samples for N2 and N2O measurements were collected in gas-tight 12 mL Exetainer 

vials and preserved with 250 µL of 50% (wt vol-1) ZnCl2.  Samples for dissolved oxygen 

measurements were collected in 12 mL Exetainer vials and mixed immediately with 

Winkler reagents for later titrations.  Samples for dissolved inorganic nitrogen (DIN; 

ammonium, nitrate, and nitrite) determinations were filtered immediately (0.2 µm) and 

frozen at -20oC until analysis.  Filtered samples for dissolved organic carbon (DOC) and 

total dissolved nitrogen (TDN) were collected in combusted (500oC overnight) glass vials 

and were preserved by the addition of trace metal grade HCl to 10 mmol L-1 final 

concentration. 

   Rates of N2, N2O, O2, inorganic nitrogen, organic nitrogen, and organic carbon benthic 

flux in core incubations were calculated from linear regressions of concentrations as a 

function of time, and were normalized to sediment area by multiplying by the overlying 

water depth.  All fluxes were corrected for the addition of sample replacement water and 

rates determined in water-only control experiments.  Nitrification rates were calculated as 

the sum of the nitrate flux and nitrate consumed by anammox and denitrification: 

   (5) Nitrification = NO3
- flux + (N2 flux × ra × 0.5) + [N2 flux × (1 - ra)] 

where ra was the fraction of N2 production from anammox (described above) and N2 flux 

was the net N2 flux determined from N2:Ar measurements.  Nitrification as a fraction of 

net oxygen consumption was calculated as: 

   (6) Percent nitrification = (2 × nitrification) × (net O2 flux)-1 

Nitrogen Fixation Potential Rates 
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   The reduction of acetylene as a substrate analog of N2 was used to measure potential 

rates of nitrogen fixation (Capone 1993) for sediments collected in 2008.  Slurries of 

sediment and artificial seawater were prepared in Exetainers as above with the exception 

that vials were filled to leave 6 mL of gaseous headspace.  Acetylene was generated by 

the reaction of calcium carbide with water and was added to the vials at 10% (vol vol-1) 

after purging the headspace with N2.  Five vials per site were incubated at 1.5oC and were 

sampled periodically up to 48 hours.  Triplicate control slurries, killed by the addition of 

HgCl2 and ZnCl2, were also incubated and sampled over time.  Samples for gas analysis 

were withdrawn through the vial septa at each time point and the production of ethylene 

was measured using a gas chromatograph with a Porapak N column and flame ionization 

detection.  Ethylene production rates in slurries were calculated based on the linear 

regressions of ethylene production in five replicate sediment slurries relative to three 

replicate killed controls.  Rates of total ethylene production in the one cm-3 wet sediment 

incubations were converted to aerial nitrogen fixation potential rates using a C2H2:N2 

reduction ratio of 3 and a depth integration of 5 cm (Breitbarth et al. 2004). 

Dissolved Nitrogen, Organic Carbon, and O2 Analyses 

   TDN and DOC were measured using a Shimadzu TOC-5000 analyzer.  Dissolved 

ammonium (NH4
+) was determined by colorimetry (Bower and Holm-Hansen 1980).  

Nitrate + nitrite (NOx
-) and nitrite (NO2

-) were determined by chemiluminescence after 

reduction with vanadium (Braman and Hendrix 1989) or iodide (Garside 1982), 

respectively; nitrate (NO3
-) was calculated as the difference between NOx

- and NO2
- 

concentrations.  Concentrations and atom % 15N-NH4
+ of samples for DNRA rate 

measurements were determined by HPLC (Gardner et al. 1995).  Dissolved organic 

nitrogen (DON) was calculated as the difference between TDN and DIN (NOx
- plus 

NH4
+).  Concentrations of dissolved N2O were determined by sample equilibration with 2 

mL helium in 12 mL Exetainer vials followed by gas chromatography using a Porapak Q 

column and electron capture detection.  Dissolved N2 was measured using a membrane 

inlet mass spectrometer (MIMS) configured and calibrated according to Kana et al. 

(1994) with the modification of removing oxygen from the inflow gas upstream of the 

mass spectrometer using an in-line quartz column packed with copper turnings heated to 

600oC (Eyre et al. 2002).  N2 concentrations were calculated from measured N2:Ar ratios 
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assuming constant Ar concentrations (Kana et al. 1994).  Samples for dissolved O2 were 

analyzed following each sampling time point using Winkler titrations (Grasshoff et al. 

1983; Grasshoff et al. 1999).  Mean coefficients of variation were 1.6%, 1.9%, 22%, 

1.2%, 1.2%, and 0.013% for NH4
+, NOx

-, NO2
-, TDN, DOC, and N2, respectively. 

 

RESULTS 

Sediment Characteristics and Dissolved Inorganic Nitrogen Profiles 

   Sediment carbon contents measured in 2007 and 2008 (Table 2) were lower at 

Kongsfjorden (1.37 and 1.31 dry wt %) relative to Smeerenburgfjorden (1.78 and 1.84 

dry wt %).  Ratios of organic carbon to total nitrogen were over 5-fold higher at 

Kongsfjorden (45.4 and 54.5) compared to Smeerenburgfjorden (8.2 and 9.6).  Average 

coefficients of variation for triplicate C and N measurements were 3% and 4% 

respectively. 

   Rhizon samplers were used to withdraw pore-water from core profiles to avoid artifacts 

from sediment sectioning or squeezing (Seeberg-Elverfeldt et al. 2005).  Measurements 

of DIN in pore-water collected from Smeerenburgfjorden sediment showed a nonlinear 

increase in ammonium with depth (Fig. 2).  Three of the Smeerenburgfjorden profiles 

showed nitrate concentration peaks in the surface layers concomitant with sharp declines 

in ammonium whereas the remaining profiles showed relatively constant, low nitrate 

levels.  Pore-water from Kongsfjorden sediment had elevated nitrate concentrations near 

the sediment surface and increasing ammonium concentrations with depth (Fig. 2).  Peaks 

in nitrate concentration were also observed between 4 and 6 cm corresponding with zones 

of ammonium depletion.  All nitrite measurements were < 1 µmol L-1 and there were no 

apparent trends in nitrite profiles from either station. 

Direct Flux Measurements 

   Dissolved N2 concentrations determined for intact core incubations are shown in Figure 

3.  Rate measurements for Smeerenburgfjorden in 2007 and 2008 showed net efflux of N2 

at 389 and 453 µmol N m-2 d-1 (Table 3).  Oxygen uptake was 6260 and 6765 µmol O2 m
-

2 d-1.  Ammonium was consumed at 68 and 52 µmol N m-2 d-1, whereas nitrate showed 

net efflux of 169 and 393 µmol N m-2 d-1.  Nitrification rates in batch cores were 490 and 
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833 µmol N m-2 d-1.  Dissolved organic nitrogen and organic carbon fluxes both showed 

net uptake of 291 µmol N m-2 d-1 and 1313 µmol C m-2 d-1, respectively, in 2008. 

   Kongsfjorden core incubations conducted in 2008 showed net N2 efflux at 152 µmol N 

m-2 d-1 and oxygen uptake of 4041 µmol O2 m
-2 d-1 (Table 3).  Nitrate efflux of 261 µmol 

N m-2 d-1 was observed whereas was ammonium, DON, and DOC showed net 

consumption of 87, 486, and 2029 µmol N m-2 d-1, respectively.  Nitrification was 

calculated as 396 µmol N m-2 d-1.  N2O concentrations were below detection limits for all 

samples (<0.2 µmol L-1).  Shifts in the atom percent 15N of ammonium in overlying water 

samples were not observed at either site indicating that dissimilatory reduction of nitrate 

from the overlying water was not measurable (<50 µmol N m-2 d-1). 

Anammox, Denitrification, and Nitrogen Fixation Rates 

   Slurry incubations using 15NO3
- tracer were used to determine fractions of N2 

production attributable to anammox (ra).  For Smeerenburgfjorden sediment, anammox 

contributed 8% and 5% in 2007 and 2008, respectively, to total N2 production (Table 3).  

By applying these ra values in slurries to 29N2 and 30N2 production rates in 15NO3
- 

amended intact core incubations (Risgaard-Petersen et al. 2003), denitrification rates 

were calculated as 294 and 290 µmol N m-2 d-1 whereas anammox was 25 and 15 µmol N 

m-2 d-1 in 2007 and 2008 respectively.  Anammox estimates from 29N2 production in 

intact cores with 15NH4
+ as a tracer, used to confirm and provide an additional estimate of 

anammox activity, were 37 and 62 µmol N m-2 d-1 in 2007 and 2008, respectively.  

Vertical profiles of anammox and denitrification potential activity (Fig. 4) indicated 

relatively constant denitrification rates throughout the 0 to 5 cm profile whereas 

anammox rates were highest near the surface and peaked in the 1 to 2 cm interval where 

both nitrate and ammonium are available in pore-water (Fig. 2).  Acetylene reduction 

assays of Smeerenburgfjorden sediment demonstrated a linear increase in ethylene 

produced in live slurries relative to killed controls (Fig. 5).  The nitrogen fixation 

potential rate was 20 µmol N m-2 d-1 integrated for the upper 0 to 5 cm of sediment. 

   The relative contribution of anammox to total N2 production (ra) at the 2008 

Kongsfjorden station was 23% as determined using 15NO3
- tracer slurry incubations 

(Table 3).  N2 production rates in 2008 cores with 15NO3
- amendment were 34 µmol N m-
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2 d-1 for denitrification and 10 µmol N m-2 d-1 for anammox.  Although measurements of 

anammox in slurry incubations were not available from the 2007 Kongsfjorden station, 

anammox estimates from 29N2 production in 15NH4
+ amended cores were 39% and 33% 

of total N2 production in 2007 and 2008 core incubations, respectively (not shown).  

Using the estimated anammox contribution of 39%, the denitrification rate measured in 

2007 15NO3
- amended cores was 49 µmol N m-2 d-1.  Nitrogen fixation potential rates in 

Kongsfjorden sediment were below detection. 

 

DISCUSSION 

   Removal of bioavailable nitrogen through the production of  N2 in coastal sediments is 

a major controlling factor for the marine nitrogen budget (Hulth et al. 2005).  Benthic 

processes affecting bioavailable nitrogen in the Arctic are particularly important as 

throughflow and mixing with the greater oceans can have widespread impacts on global 

marine primary production (Yamamoto-Kawai et al. 2006).  The majority of available 

data on nitrogen removal from Arctic sediments is derived from gross denitrification 

measurements at relatively few sites (Table 1).  Anammox may be a major pathway for 

nitrogen loss from the oceans,  although relatively few studies have addressed the 

significance of this process in benthic nitrogen removal (Kuypers et al. 2005b; Lam et al. 

2009).  With the exception of data from Rysgaard et al. (2004), anammox in Arctic 

sediments has largely been overlooked.  Net flux determinations using intact core 

incubations and N2:Ar measurements have not been previously applied. 

   Here an integrated approach of determining net fluxes of dissolved organic and 

inorganic constituents, and quantifying N2 production and consumption pathways, was 

used to study nitrogen transformations in Svalbard fjord sediments.   We hypothesized 

that Svalbard sediments undergo substantial loss of nitrogen as N2 and anammox holds a 

vital role in N2 generation.  These hypotheses were supported, and new evidence on the 

importance of nitrification, DON and DOC fluxes, and N2 fixation in Arctic sediments 

was revealed. 

Net and Gross N2 Production 
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Net fluxes of N2 at Smeerenburgfjorden (389 to 453 µmol N m-2 d-1) were below rates 

previously reported for the Bering-Chukchi Sea and were similar to rates determined 

along the coasts of Greenland and Svalbard (Table 1).  Kongsfjorden N2 flux (152 µmol 

N m-2 d-1) was lower than most rates measured from Arctic sites.  Differences between 

gross N2 production (sum of denitrification and anammox measured using IPT) and net 

N2fluxes across the sediment-water interface (Table 2) were likely due to physical and 

biological heterogeneity amongst cores or the slight alteration of denitrification rates with 

nitrate additions in IPT cores (Eyre et al. 2002).  The lack of measurable N2O efflux 

indicated that N2 was the major end-product of denitrification.  Although net fluxes of N2 

determined at Kongsfjorden were about 3-fold lower than those from the 

Smeerenburgfjorden site, oxygen consumption at Kongsfjorden was only 35% to 40% 

less than the O2 flux at Smeerenburgfjorden (Table 3).  Denitrification (gross rates from 

IPT) was 8% of total carbon oxidation in 2007 and 2008 at Smeerenburgfjorden, 

assuming total oxygen consumption (minus O2 consumed by nitrification) is an 

approximation for total carbon oxidation (Canfield et al. 1993).  This fraction is 

comparable to the contribution of denitrification to carbon oxidation determined for a 

wide range of coastal environments (mean, 12%) compiled by Seitzinger and Giblin 

(1996).  In contrast, denitrification comprised only 2% of carbon oxidation at 

Kongsfjorden which parallels previous observations that denitrification is not a major 

pathway of carbon oxidation in Svalbard fjord sediments (Glud et al. 1998; Kostka et al. 

1999). 

   Nitrate availability was clearly not limiting N2 production given the strong release of 

NO3
- relative to N2, particularly at the Kongsfjorden site where NO3

- efflux was almost 

double the N2 efflux.  Thus, heterotrophic nitrate respiration to N2 is likely controlled by 

the availability of labile organic matter, as observed for other benthic respiration 

pathways determined in Svalbard fjords (Arnosti et al. 1998; Vandieken et al. 2006).  

Previous work characterizing carbon and nitrogen compositions within Svalbard fjord 

surface sediments has suggested that benthic organic matter is mainly of terrestrial origin; 

however, refractory organic matter did not appear to accumulate in sediments (Hulth et 

al. 1996; Knies et al. 2007).  Sediment organic carbon contents determined here (1.3% to 

1.8%) were comparable to that of many continental slope (Meyers 1997; Schulz and 
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Zabel 2000) and Spitsbergen shelf (Knies et al. 2007) sediments.  Total nitrogen values at 

the two sites contrasted drastically, resulting in extremely low levels of nitrogen relative 

to carbon in the Kongsfjorden sediment (C:N 45 to 54).  High sediment C:N ratios may 

be indicative of extensive diagenetic alteration of particulate organic matter (POM) 

(Hedges et al. 1997; Meyers 1997), suggesting the POM at Kongsfjorden may be highly 

refractory.  These data may also be indicative of refractory terrestrial detritus which 

commonly has much higher C:N than marine particulate material (Thornton and 

Mcmanus 1994; Meyers 1997).  Future work analyzing natural abundance stable isotopes 

of carbon and nitrogen in these sediments may provide further insight as to the detrital 

sources (Knies et al. 2007).  Given either scenario, however, heterotrophic denitrification 

appears to be limited by a lack of labile carbon at Kongsfjorden.  The ratios of C:N in 

Smeerenburgfjorden sediment (8 to 9) were similar to that expected from marine 

plankton or seagrass detritus (Meyers 1997) suggesting the detritus deposited is primarily 

labile organic carbon.  Although the deposition of marine POM in western Svalbard 

fjords mainly occurs only once per year following the spring phytoplankton bloom (Hop 

et al. 2002), annual water column production along the western and southern coasts of 

Svalbard is high, estimated at up to 150 g C m-2 yr-1 (Eilertsen et al. 1989).  Therefore, it 

is likely that denitrification rates may vary temporally in response to both seasonal 

terrigenous runoff and marine phytodetritus deposition events at these sites. 

   Acetylene reduction assays demonstrated the presence of nitrogenase activity at the 

Smeerenburgfjorden site (Fig. 5).  Extrapolation of the acetylene reduction rates in slurry 

incubations suggests an approximate N2 fixation potential rate of 20 µmol N m-2 d-1.  This 

rate is comparable to N2 fixation rates reported from temperate shelf sediments (see 

review by Capone 1988) and is 4 to 20-fold higher than measurements from the Beauford 

Sea north of Alaska (1 to 5 µmol N m-2 d-1) (Knowles and Wishart 1977; Haines et al. 

1981).  Nitrogen fixation is a common trait of heterotrophic bacteria that mediate 

denitrification and sulfate reduction, both of which are important respiration pathways in 

Svalbard fjords (Kostka et al. 1999).  Thus N2-fixing, sulfate- or nitrate- reducing 

populations may play a role in net N2 fluxes at the Smeerenburgfjorden site where 

nitrogenase activity was detected.  Future work to identify the diazotrophic taxa and to 
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directly determine N2 fixation rates under near in situ conditions is required to further 

elucidate the role of N2 uptake in the net balance of N2 at the these site. 

Anammox 

   Results demonstrating anaerobic ammonium oxidation activity in Svalbard fjord 

sediments are among the first reported anammox rates in the Arctic and further extend the 

known occurrence of this process in marine environments.  The detection of anammox 

here corresponds well with the confirmed presence of abundant Planctomycetes 

(Ravenschlag et al. 1999; Ravenschlag et al. 2001), taxa known to catalyze anammox 

(Strous et al. 1999; Kuypers et al. 2003).  The combined application of 15NO3
- 

amendments with 29N2 and 30N2 detection  in cores and slurries showed rates of  N2 

production via anammox slightly higher at the Smeerenburgfjorden site (15 to 25 µmol N 

m-2 d-1) compared to Kongsfjorden (10 µmol N m-2 d-1).  However, at Kongsfjorden, 

where observed denitrification rates were substantially lower, anammox comprised a 

larger portion of gross N2 production (23% of total N2) compared to the 

Smeerenburgfjorden site (5% to 8%).  Experiments conducted here demonstrating 

anammox activity within intact sediment cores by 15NH4
+ conversion to 29N2 under 

nitrification inhibition (Thamdrup and Dalsgaard 2002) provided an added measure that 

qualitatively confirmed anammox at both sites under near in situ conditions.  These rates 

and percentages for Svalbard sediments are comparable to those measured by Rysgaard et 

al. (2004) in Greenland coastal sediments (1 to 92 µmol N m-2 d-1; 1% to 35% of total 

N2), the only other study to quantify anammox in Arctic sediments. 

   In a review of marine anammox, Dalsgaard et al. (2005) noted that overall anammox 

rates are generally higher in shallow, organic-rich coastal sediments but also noted an 

inverse, linear correlation between mineralization rates and the contribution of anammox 

to total N2 production in deeper sediments.  Possible explanations for these trends were: 

sediments with higher organic content have higher production of the limiting substrate, 

NO2
-; and, denitrification as a percent of N2 generation is suppressed in deep water 

environments with lower rates of organic substrate deposition (Dalsgaard et al. 2005).  A 

positive correlation of relative anammox contributions with bottom water nitrate 
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concentrations has also been noted (Rysgaard et al. 2004), although a clear explanation of 

this observation remains elusive (Dalsgaard et al. 2005). 

   The mechanisms controlling anammox proposed by Dalsgaard et al. (2005) may be 

invoked in the present study.  At Kongsfjorden, denitrification as a percent of N2 

generation (as well as overall benthic respiration) is suppressed, likely due to limited 

labile organic matter availability.  Thus, although anammox rates are low, the 

contribution to N2 production is relatively high.  Carbon oxidation rates are higher at 

Smeerenburgfjorden compared to Kongsfjorden, as indicated by oxygen uptake (Table 3) 

and sulfate reduction rates (B. B. Jørgensen, unpublished data); higher carbon turnover at 

Smeerenburgfjorden likely leads to higher rates of nitrification and denitrification which 

may in turn provide sufficient NO2
- for utilization by anammox bacteria.  Therefore, 

although the contribution anammox to total N2 production is less at Smeerenburgfjorden, 

overall rates of anammox are higher than at Kongsfjorden.  Vertical profiling of the 

Smeerenburgfjorden sediment confirmed a maximum in anammox activity at 1 to 2 cm 

(Fig. 4), in proximity to the zone where ammonium and nitrate concentrations are both 

relatively high and nitrite is likely being produced from nitrification or denitrification 

(Fig. 2).  The general occurrence of anammox in Svalbard sediments is also likely the 

result of stable and permanently cold conditions, as anammox populations are better 

adapted to cold temperatures over denitrifying communities (Rysgaard et al. 2004). 

Nitrification and Pore-water Profiles 

   The production of nitrate by means of nitrification clearly outpaced the demand from 

denitrification and anammox as nitrate effluxes approached 400 µmol N m-2 d-1 (Table 3).  

Gross nitrification rates reached 833 µmol N m-2 d-1 and diffusive ammonium loss to the 

overlying water was completely prevented at both sites.  As a percentage of total oxygen 

consumption (20% to 25%) the contribution of nitrification was comparable to that 

determined for Western Arctic (27%; Devol et al. 1997) and many temperate (20% to 

30%; Laursen and Seitzinger 2002) coastal sediments.  Depth profiles of DIN indicated 

substantially more ammonium accumulation in Smeerenburgfjorden pore-waters in 

comparison to those at Kongsfjorden, consistent with the higher O2 respiration and 

organic matter mineralization rates observed at the Smeerenburgfjorden site.  Depth 
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profiles from both sites showed increases in nitrate in the surface layers concomitant with 

ammonium depletion, a clear indication of nitrification activity.  Thamdrup and Fleischer 

(1998) also observed extensive nitrification in coastal Svalbard sediments, and 

demonstrated that nitrifiers are particularly well-adapted to cold temperatures.  The 

presence of nitrate peaks in zones greater than 4 cm depth, particularly in the 

Kongsfjorden profiles, were likely due to oxygenation and stimulation of nitrification 

activity from bioirrigation of tube worm burrows, further underlining the influence of 

abundant benthic fauna on biogeochemical processes in Svalbard fjords (Jørgensen et al. 

2005).  The lack of nitrate accumulation in two of the Smeerenburgfjorden profiles may 

have been the result of either variability in faunal density or heterogeneity in nitrate 

consumption via N2 production in those locations.  Nitrite accumulation was not observed 

in pore-water profiles suggesting that consumption of nitrite during anammox and 

denitrification may have maintained low levels of pore-water nitrite. 

Dissolved Organic Carbon and Nitrogen Fluxes 

   Flux determinations demonstrated substantial influx of DON across the sediment-water 

interface of both sites, particularly at Kongsfjorden where DON uptake dominated the 

balance of dissolved nitrogen fluxes.  Water column DON concentrations can often 

exceed DIN concentrations in marine systems (Berman and Bronk 2003), and DON is 

typically dominated by a pool of high molecular weight polysaccharides (e.g. chitin and 

peptidoglycan) and humic substances which are considered largely resistant to biological 

degradation (Aluwihare et al. 2005).  The less abundant DON fractions, comprised of 

smaller, labile compounds (e.g. urea and free amino acids) with much faster turnover, 

serve as important substrates for microbial growth and sources of nitrogen for marine 

primary production (Bronk et al. 2007; Vonk et al. 2008).  Determinations of the 

composition and sources, and differentiation between heterotrophic and autotrophic 

utilization, of DON in Svalbard fjords are beyond the scope of this study.  However, the 

observed uptake suggests that DON is an important source of nitrogen for benthic 

organisms.  Mineralization of DON may also be important in sustaining the observed 

high rates of nitrification, which in turn fuels both denitrification and returns DIN into the 

water column.  Observed ratios of DOC to DON influx (4.5 and 5.2 at 

Smeerenburgfjorden and Kongsfjorden, respectively) lower than the Redfield C:N of 6.6 



 88 

for particulate organic matter may have been the result of preferential utilization of DOM 

rich in nitrogen relative to the bulk pool, a process observed in other marine 

environments (Hopkinson and Vallino 2005). 

   Although quantifying benthic DOC fluxes was not the main focus of this study, and 

measured rates were variable, the observation of substantial DOC consumption is 

nonetheless intriguing.  The Arctic Ocean receives large volumes of terrestrial discharge 

rich in DOC which persists due to a perceived absence of practical sinks in Arctic 

estuarine or shelf environments, as evidenced by conservative mixing in these systems 

(Dittmar and Kattner 2003).  On the other hand, recent work has demonstrated that most 

riverine DOC exported to the Arctic Ocean is relatively young and presumably semi-

labile (Raymond et al. 2007).  Results presented here showing DOC uptake by fjord 

sediments appear to contradict the general view of DOM preservation and recalcitrance in 

the Arctic Ocean.  DOC uptake rates were 19% (Smeerenburgfjorden) to 62% 

(Kongsfjorden) of total O2 consumption, suggesting a substantial role of DOC in benthic 

respiration at these sites.  These preliminary data identify that further uptake rate 

measurements, the determination of DOC and DON compositions, and potential sources 

of DOM pools in Svalbard fjords are warranted. 

 

   By determining sediment-water fluxes, and quantifying multiple transformation 

pathways, we provide new insights into the nitrogen cycle of the Arctic seafloor.  Our 

results demonstrate that benthic N2 production in Svalbard fjords is dominated by 

denitrification and net N2 fluxes are comparable to those determined for temperate coastal 

regions.  Although anammox has been largely overlooked in previous Arctic studies, our 

results confirm that anammox is an important pathway for N2 production.  Evidence 

presented here suggests that gross N2 production may be partly compensated by nitrogen 

fixation at one of the sites.  Sediments were a substantial source of nitrate to the water 

column which may impact bottom water DIN loads of the Arctic Basin and North 

Atlantic.  Future work is necessary to assess seasonal changes in benthic nitrogen cycling 

rates and pathways, to confirm the extent of N2 fixation, and to further explore the role of 

benthic DOC and DON uptake. 
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TABLES 

Table 3.1.  Summary of previous results from benthic carbon and nitrogen cycling studies 
in the Arctic Ocean. 
 

Locations O2 uptake Denitrification Anammox Fixation Nitrification Reference 
 mmol O2 m

-2 d-1 µmol N m-2 d-1  

N. Bering, Chukchi Sea n.d. * 450 - 2800 (net N2 flux) † n.d. n.d. (Devol et al. 1997) 
N. Bering, Chukchi Sea 7.3 - 25.5 n.d. n.d. n.d. 300 - 1750 (Henriksen et al. 1993) 
N. Bering, Chukchi Sea 8.7 - 19.2 n.d. n.d. n.d. n.d. (Grebmeier and Mcroy 1989) 
Beaufort Sea n.d. < 2 ‡ n.d. 1 n.d. (Haines et al. 1981) 
Beaufort Sea n.d. n.d. n.d. 5 n.d. (Knowles and Wishart 1977) 
Greenland fjord 3.6 - 20 110 - 480 § n.d. n.d. n.d. (Glud et al. 2000) 
Greenland fjord 19.6 - 15.8 310 - 120 § n.d. n.d. 430 - 620 (Rysgaard et al. 1996) 
Greenland fjord 5 - 13 200 - 600 § n.d. n.d. n.d. (Rysgaard et al. 1998) 
Greenland coasts 3.4 - 8.3 33 - 265 § 1 - 92 § n.d. n.d. (Rysgaard et al. 2004) 
Barents Sea, Svalbard n.d. 0 - 100 § n.d. n.d. 0 - 1460 (Blackburn et al. 1996) 
Barents Sea, Svalbard 1.9 - 11.2 n.d. n.d. n.d. n.d. (Hulth et al. 1994) 
Barents Sea, Svalbard 1.5 - 3.5 n.d. n.d. n.d. n.d. (Vandieken et al. 2006) 
Svalbard fjords 9.0 - 16.4 160 - 630 § n.d. n.d. n.d. (Glud et al. 1998) 
Svalbard fjords 10 - 25 200 - 600 § n.d. n.d. n.d. (Kostka et al. 1999) 

 

*n.d., not determined. 
†rates from benthic flux chambers with [N2] measurement by gas chromatography 
‡rates from acetylene block slurries 
§rates from isotope pairing technique cores 
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Table 3.2.  Description of sampling stations. 
 

Description Smeerenburgfjorden Kongsfjorden 
 2007 2008 2007 2008 
Latitude 79o 42.01’ N 78o 59.43’ N 
Longitude 11o 05.20’ E 12o 17.87’ E 
Water depth (m) 211 51 
Bottom water temperature (oC) 2.8 3.3 1.7 1.8 
Bottom water salinity (ppt) 37.0 35.0 36.5 37.0 
Bottom water [NO3

-] (µmol L-1) 3.9 n/a 4.7 n/a 
Bottom water [NH4

+] (µmol L-1) < 0.2 n/a < 0.2 n/a 
Sediment temperature (oC) 2.3 1.6 1.1 1.3 
Sediment C content (dry wt %) 1.78 1.84 1.37 1.31 
Sediment C:N (mole:mole) 8.2 9.6 45.4 54.5 

 

n/a, not available 
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Table 3.3.  Mean net fluxes measured using batch core incubations, and rates of  
denitrification, anammox, N2 fixation and dissimilatory nitrate reduction to ammonium 
(DRNA) measured in cores and slurries. 
 

Measurement Smeerenburgfjorden  Kongsfjorden  
 2007* 2008  2008  
N2 net flux 389 (+ 162; n=5) 453 (+ 122; n=3)  152 (+ 27; n=4) µmol N m-2 d-1 
N2O net flux n/a  b/d (< 50; n=3)  b/d (< 50; n=3) µmol N m-2 d-1 
NO3

- net flux 169 (+ 42; n=5) 393 (+ 187; n=3)  261 (+ 45; n=6) µmol N m-2 d-1 
NH4

+ net flux - 68 (+ 29; n=5) - 52 (n=1)  - 87 (+ 28; n=6) µmol N m-2 d-1 
DON net flux n/a  - 291 (+ 129; n=3)  - 486 (+ 74; n=3) µmol N m-2 d-1 
DOC net flux n/a  -1313 (+ 1105; n=6)  -2504 (+ 75; n=3) µmol C m-2 d-1

 

O2 net flux  - 6260  (+ 780; n=5) -6765 (+ 518; n=6)  - 4041 (+ 340; n=6) µmol O2 m
-2 d-1 

         

N2 fixation (slurries) n/a  56 (+ 8; n=5)  b/d (< 1; n=5) µmol N m-2 d-1
 

N2 fixation (cores) 250  156   b/d   

DNRA n/a  b/d (< X; n=3)  b/d (< X; n=3) µmol N m-2 d-1
 

Nit (% O2 flux) 551 (18 %) 833 (25 %)  396 (20 %) µmol N m-2 d-1
 

         
Denitrification (% C ox.)  294 (8 %) 290 (8 %)  34 (2 %) µmol N m-2 d-1 
Anammox (% ra) 25 (8 %) 15 (5 %)  10 (23 %) µmol N m-2 d-1 
Gross N2 prod.** 319  305   44  µmol N m-2 d-1

 

 
*Values in parenthesis denote standard error and number of replicate measurements, or the lower limit of 
detection, unless otherwise noted. 
**Gross N2 production is the sum of denitrification and anammox. 
n/a, not analyzed 
b/d, below detection. 
Nit, nitrification rate (percentage of O2 consumption) 
ra, contribution of anammox to total N2 production measured in slurries. 
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FIGURES 

 
 
Figure 3.1. Bathymetric map of the North Atlantic, Barents Sea, and Arctic Ocean (A); 
locations of Kongsfjorden and Smeerenburgfjorden in the northwest of Spitsbergen 
Island, Svalbard (B). 
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Figure 3.2. Profiles of porewater nitrate, nitrite, and ammonium concentrations from (A, 
B) Smeerenburgfjorden 2007, (C, D, E) Smeerenburgfjorden 2008, (F, G, H) 
Kongsfjorden 2007, and (I, J, K) Kongsfjorden 2008. 
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Figure 3.3. Dissolved nitrogen concentration determined from N2:Ar in batch intact core 
incubation. 
(A) Smeerenburgfjorden 2007, (B) Smeerenburgforden 2008, and (C) Kongsfjorden 
2008.  Different symbols denote replicate cores.  Error bars are + one standard deviation 
of triplicate N2:Ar determinations. 
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Figure 3.4. Smeerenburgfjorden anammox and denitrification potential rates vs. depth. 
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Figure 3.5. Time course of ethylene production in Smeerenburgfjorden sediment live and 
killed slurry incubations. 
The linear fit of five replicate live slurries was used to calculate N2 fixation rates. 
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 CHAPTER 4.  DENITRIFICATION, NITROGEN BURIAL, AND TIDAL NITROGEN 

EXCHANGE IN AN OLIGOHALINE MARSH, APALACHICOLA, FLORIDA.  

 
Thomas M. Gihring, Clark R. Alexander, Ashley A. Riggs, Markus Huettel, Thorsten 

Dittmar, Jeffrey P. Chanton, & Joel E. Kostka. 
 
 

ABSTRACT 

   Coastal fringing marshes are thought to remove dissolved inorganic and particulate 

nitrogen from external sources via benthic denitrification and burial, respectively, and 

export considerable loads of dissolved organic nitrogen (DON) to the greater estuary.  

There is, however, little data available from tidal freshwater and oligohaline marshes to 

confirm these hypotheses.  This work addressed the hypotheses that the low salinity 

marshes at the mouth of the Apalachicola River (Florida) comprise a sink for riverine 

dissolved inorganic nitrogen through denitrification and nitrogen burial, and export 

dissolved organic nitrogen to Apalachicola Bay.  Denitrification rates were measured 

between July 2006 and August 2008 using intact sediment core incubations and the N2:Ar 

technique.  Rates of net N2 flux ranged from 0.23 to 1.72 mmol N m-2 d-1 with a mean of 

0.72 mmol N m-2 d-1 for all sites over the course of the study.  Preliminary results indicate 

that burial of particulate nitrogen (1.46 mmol N m-2 d-1) is a larger annualized loss term 

than denitrification.  A study of tidal exchange of nitrogen between marsh creeks and 

river distributaries showed net uptake of nitrate by marsh sediments and export of DON. 

  

INTRODUCTION 

   Tidal freshwater and oligohaline wetlands, located at the interface between terrestrial 

watersheds and marine systems, are considered important buffers for nutrient loads 

(Billen et al. 1991).  Such marshes, with high primary productivity and rapid 

biogeochemical cycling, can intercept and transform land-derived nitrogen loads and act 

as long-term sinks or sources of nitrogen to estuaries.  Constraints on nitrogen budgets in 

coastal wetlands, and the mechanisms and magnitudes of internal cycling, remain poorly 

defined.  Studies of tidal freshwater and low salinity marshes in particular are rare 

(Merrill and Cornwell 2000). 
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   Rates of nitrogen loss as N2 during denitrification in coastal marshes can be relatively 

high.  The sedimentation and burial of particulate organic matter is also considered a 

substantial sink for N in marshes, such as those of Chesapeake Bay (Merrill and Cornwell 

2000).  The relative significance of denitrification and N burial removal mechanisms is 

uncertain (Valiela et al. 2001).  Tidal transport from bordering wetlands is also an 

important process in determining nutrient delivery to the greater estuary.  Early work 

determining nutrient inflow and outflow budgets for tidal freshwater (Odum et al. 1984; 

Bowden et al. 1991; Merrill and Cornwell 2000) and intertidal salt marshes (Valiela and 

Teal 1979; Woodwell et al. 1979; Nixon 1980) demonstrated net export of dissolved 

inorganic ammonium and dissolved organic nitrogen and net import of nitrate.  More 

recent input-output budgets calculated for two South Carolina salt marshes (Alongi 1998; 

Dame et al. 2000) indicate that these systems often act at a net sink for dissolved 

inorganic nitrogen (DIN) and a net source of dissolved organic nitrogen (DON).  The 

majority of prior studies have been in salt marshes and areas of excess anthropogneic 

nitrate loading, however (Gribsholt et al. 2003).  Thus, denitrification, burial, and tidal 

transport of nitrogen in oligohaline marshes having relatively pristine conditions is 

largely unexplored. 

   In this study, we examined the role of fringing marshes in regulating land-derived 

nitrogen loads in the Apalchicola Bay estuary.  Nitrogen derived from terrestrial sources 

has been identified as the nutrient most commonly limiting primary productivity in this 

river-dominated system (Nixon et al. 1996; Mortazavi et al. 2000).  The limitation of 

primary productivity by riverine nutrient supply in turn limits the growth of higher 

organisms in the Bay, as secondary productivity is dependent mainly on organic material 

formed within the estuarine environment (Chanton and Lewis 2002).  Expanding 

development and water reallocation within the Apalachicola River watershed threaten 

productivity in the estuary mainly due to decreasing freshwater and nutrient delivery 

(Livingston et al. 1997; Carriker 2000).  This project addressed the hypotheses that the 

Apalachicola Bay marshes are a sink for riverine DIN through denitrification and burial; 

and, oligohaline marshes provide a substantial source of DON to the Bay.  Sediment core 

incubations were used to determine benthic N2 fluxes and the seasonal and spatial 

variability of these rates.  Nitrogen burial was determined at three representative stations 
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within the marsh.  A qualitative assessment of the tidal creek export and import, and net 

conversion of nitrogen species within the marsh, was examined during a tidal transport 

experiment. 

 

METHODS 

Sampling Locations and Field Measurements 

   The Chattahoochee and Flint Rivers combine to form the Apalachicola River which 

flows into the Gulf of Mexico at Apalachicola Bay, Florida.  Prior to reaching the Bay, 

the Apalachicola River forms a network of distributaries and flows through a system of 

low-salinity (oligohaline) marshes  (Livingston 2001) within the Apalachicola National 

Estuarine Research Reserve (ANERR; Figure 1).  Three primary stations for N2 flux 

experiments and N burial measurements were established in the western region of the 

ANERR marsh (Table 1).  A tidal creek transport study was conducted at Station 2 (June 

2007).  Measurements of salinity, dissolved oxygen, and temperature were made in the 

field using a YSI Model 30 handheld instrument (Yellow Springs, OH). 

Benthic Flux Measurements 

   Dissolved nitrogen flux at the sediment-water interface within the vegetated marsh and 

creek beds was quantified using whole core incubation experiments.  Marsh cores were 

collected by hand from sediments between plant shoots whereas creek bed cores were 

collected from a boat using a push-core device.  Sediment was sampled using acrylic core 

tubes 9 cm in diameter and 20 cm long such that each contained 10 cm of sediment and 

10 cm of overlying water.  The core tube bottoms were sealed in-situ prior to removing 

the core using neoprene #15 stoppers to preclude the introduction air and water.  

Unfiltered river or creek water (80 L) was also collected from the same locations.  Cores 

and water were immediately transported (< 4 h) to the Florida State University Coastal 

and Marine Laboratory (St. Teresa, FL) or the Oceanography and Statistics Building 

(Tallahassee, FL) where they were placed in an environmental chamber set to hold a 

constant temperature matching that of the sediment at the time of core collection. 

   Sediment cores were completely submerged within a tank filled with water from the 

marsh sites.  Cores were pre-incubated by equilibrating the water overlying each core 
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with air and continuously circulated overnight using air-lift pumps placed over each core.  

A container of site water for sample water replacement was also equilibrated by rigorous 

sparging with air.  After overnight equilibration, the cores were sealed with gas-tight caps 

fitted with sampling ports and the overlying water was stirred at 70 RPM using 

externally-driven magnetic stir bars.  Overlying water samples for DIN, O2, and N2:Ar 

determinations were withdrawn at 2-hour intervals over 8 to 10 hours by gentle 

siphoning; as samples were removed, the overlying water was simultaneously replaced 

with an equal volume of air-equilibrated site water. 

   Samples for N2:Ar measurements were preserved with 10 µl of half-saturated HgCl2 in 

7 ml vials with ground-glass stoppers.  Samples for dissolved oxygen measurements were 

collected into in 7 ml vials with ground-glass stoppers and immediately preserved with 

alkaline iodide and manganese sulfate for Winkler titrations or 10 µl of half-saturated 

HgCl2 for O2:Ar measurements.  Samples for dissolved ammonium, nitrate, and nitrite 

were immediately filtered (0.22 µm) and frozen at -20 oC until analysis. 

Aqueous Geochemistry Analyses 

   Dissolved N2 concentrations in core incubation samples were measured using a 

membrane inlet mass spectrometer (MIMS) configured and calibrated according to Kana 

et al. (1994) with the modification of O2 removal from the inflow gas upstream of the 

mass spectrometer using an in-line quartz column packed with copper turnings heated to 

600 oC  (Eyre et al. 2002).  Dissolved N2 concentrations of core incubation samples were 

calculated from measured N2:Ar (Kana et al. 1994). The 15N isotope pairing technique 

(Nielsen 1992) was also used in 2006 to measure rates of denitrification and to determine 

the source of nitrate being converted to N2 gas (either from benthic nitrification of 

ammonium to nitrate or nitrate derived from the overlying water).  In these experiments, 
15N-enriched nitrate (> 99 atom % 15N; Cambridge Isotopes) tracer was added at 25 µM 

to the overlying water of intact core incubations and samples for dissolved gas analyses 

were collected as described above.  Dissolved 28N2, 
29N2, and 30N2 were measured using a 

MIMS and rates were calculated based on the production of excess 29N2 and 30N2 (An et 

al., 2001). 
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   Samples for dissolved O2 were analyzed immediately following each sampling time 

point using Winkler titrations (Grasshoff et al. 1983) or MIMS (Kana et al., 1994).  

Dissolved ammonium (NH4
+) was determined by colorimetry (Strickland and Parsons 

1972).  Nitrite was determined by colorimetry (Bower and Holm-Hansen 1980) and NOx
- 

(NO3
- + NO2

-) were determined by chemiluminescence after reduction to NO (Braman 

and Hendrix 1989).  Total dissolved nitrogen and dissolved organic carbon measurements 

were performed using Shimadzu TOC-V analyzer.  Dissolved organic nitrogen was 

calculated as the difference in total dissolved nitrogen minus the total dissolved inorganic 

concentration of the sample.  Sediment pore water for DIN measurements was extracted 

either by centrifugation of sectioned core material (prior to October, 2007) or by in-situ 

extraction using Rhizon samplers (October, 2007 to August, 2008; Seeberg-Elverfeldt, 

2005). 

   Rates of N2, O2, and DIN flux across the sediment-water interface in core incubations 

were calculated from linear regressions of concentration as a function of time.  Rates 

were normalized to sediment area by multiplying by the overlying water depth.  All 

fluxes were corrected for the addition of sample replacement water and rates determined 

in water-only control experiments. 

Nitrogen Burial Rate Measurements 

   Sediment cores (50 cm depth) for burial rate measurement were collected using a 

section of 10 cm diameter PVC pipe (Sites 1 and 3) or a Russian peat auger (site 2).  

Cores were sectioned at 2 cm intervals.  A portion of the interval material was used for 

porosity and density measurements whereas the remainder was dried in an oven at 50 oC.  

Dried sediments were ground to a powder using a mortar and pestle, processing the 

intervals from bottom to top and rigorously cleaning the instruments between samples.  

Sediment accretion rates were calculated from 210Pb and 137Cs analyses (DeLaune, 1989) 

performed at the Skidaway Institute of Oceanography.  Total nitrogen content of each 

sediment interval was determined using an elemental analyzer.  The average nitrogen 

content of each core was multiplied by the sediment accumulation rate to obtain nitrogen 

burial rates (Merrill and Cornwell, 2001). 

Tidal Creek Nutrient Exchange 
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   A study to assess tide-driven exchange of dissolved and particulate constituents 

between the Buzzard Bayou marsh region, the Little St. Marks River, and Apalachicola 

Bay was conducted during 4 to 5 June, 2007.  Stationary sampling was conducted from a 

boat positioned in the Buzzard Bayou at Station 2 over a 25-hour period.  Creek 

dimensions (width and bottom morphology) were measured across a transect 

perpendicular to the creek bank using a weighted rope and measuring tape.  Sampling 

tubing and electronic instrumentation was affixed to a tripod which was placed on the 

creek bottom.  Surface and bottom water samples for dissolved inorganic nitrogen (DIN), 

dissolved organic carbon (DOC), and total dissolved nitrogen (TDN) were collected at 

one hour intervals by pumping from tubing placed the water surface or affixed to the 

bottom of the tripod.  A YSI Model 30 instrument was used to profile temperature, 

salinity, and dissolved oxygen in the water column (0.5 m depth increments) at one hour 

intervals.  Continuous, automated monitoring of flow velocity, turbidity, PAR, CDOM, 

Chl-a, conductivity, salinity, and temperature were also performed (Huettel and Dittmar, 

unpublished) and these data are available in a separate, pending publication.  Hourly 

sampling of dissolved carbon, nutrients, and YSI-30 data commenced at 14:00 on 4 June 

and ended at 15:00 on 5 June, 2007.  Grab samples of surface water for DIN, DOC, and 

TDN were collected from the Apalachicola River and the Little St. Marks River between 

15:00 and 16:00 on 5 June, 2007. 

 

RESULTS 

Field Measurements 

   The Buzzard Bayou is a dead-end tidal creek with one open connection with the Little 

St. Marks River distributary.  The Bayou water column was often stratified with respect 

to salinity and the highest surface salinity values were generally found in the upper 

reaches of the Bayou (Table 2).  Tidal stage most often controlled the creek flow (and 

salinity levels) and appears to trap a body of high salinity water in the northern-most end 

of the creek.  Salinity measurements of water overlying the marsh were low (0.1 ppt) at 

all stations and time points.  Dissolved oxygen was generally lower in the upper section 

of Buzzard Bayou and higher at the creek mouth. 
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Benthic Flux Measurements 

   Fluxes of N2, O2, and DIN at the sediment-water interface were measured periodically 

from November 2007 to September 2008 using intact marsh sediment core incubations 

(Table 3).  Rates of dissolved N2 flux showed net denitrification and fairly constant rates 

throughout the seasonal study.  At Station 1, N2 production was 0.56 mmol N m-2 d-1 

averaged over the course of this study.  Measurements using the isotope pairing technique 

(July and October 2006) showed that > 99% of N2 production is dependent on nitrate 

from in-situ nitrification (coupled nitrification-denitrification) whereas less than 1% of 

denitrification utilized nitrate derived from the water column.  Station 2 had an average 

N2 production of 0.67 mmol N m-2 d-1 with a peak in production in April 2008.  Station 3 

showed the highest mean rates of N2 production (1.6 mmol N m-2 d-1) although winter 

rates were not available.  Rates of N2 flux in the non-vegetated creek beds were nearly 

identical at all three stations (0.65 to 0.71 mmol N m-2 d-1) and were not notably different 

than the vegetated sites.  Dissolved inorganic nitrogen exchange at the sediment-water 

interface showed net nitrate uptake at all sites and time points for which rates were 

determined.  Strong release of dissolved ammonium from the sediment, up to 2.29 mmol 

N m-2 d-1, was observed for the creek bed sites whereas the vegetated sites showed 

positive and negative ammonium fluxes at different periods.  Nitrate consumption was 

observed at all three creek bed sites.  Dissolved oxygen consumption rates were lowest in 

the winter months and increased during summer incubations. 

Nitrogen Burial Rates 

   Sedimentation rates were calculated from 210Pb fluxes to be 0.11 and 0.12 g cm-2 y-1 at 

sites 1 and 2, respectively.  Based on this sediment accretion rate, and an average 

measured nitrogen content of 0.678 %, the nitrogen burial rate at Site 1 was 1.46 mmol N 

m-2 y-1 (Table 4). 

Tidal Nitrogen Transport 

   The Buzzard Bayou creek underwent a mixed semidiurnal tidal cycle during the study.  

One tidal period with a range of 63.5 cm occurred between 17:45 4 June and 10:30 5 June 

and a smaller period of 6.5 cm water level change occurred before and after this period 

(Fig. 2).  Shifts in wind direction and intensity caused periods of flow reversal and 



 104 

layering within the creek (acoustic Doppler velocimeter measurements; M. Huettel, 

unpublished) precluding net tidal flux calculations without further instrumentation.  

During the daytime high tide, the water column was warmer at the surface whereas 

during the evening ebb and low tide, the temperature stratification was reversed.  The 

water column was also stratified with respect to salinity at high tide (7-9 ppt surface, 19-

20 ppt bottom) whereas the low tide water was more uniform in salinity (10-13 ppt).  

Dissolved oxygen profiles showed a gradient of high dissolved oxygen (up to 5.9 mg L-1) 

in the surface and low (0.1 mg L-1 minimum) at the bottom during the daytime, high tide 

periods.  Dissolved oxygen was uniformly low (1.7-2.8 mg L-1) during the evening low 

tide. 

   Measurements of DIN showed higher surface water nitrate concentrations (avg. 19.8 + 

3.3 µmol L-1) during flood stage (Fig. 3) and lower surface nitrate at low tide (avg. 1.9 + 

1.2 µmol L-1).  Bottom water nitrate concentrations were relatively constant during the 

entire sampling period (avg. 5.5 + 1.7 µmol L-1) with one excursion of 19.0 µmol L-1.  

Surface water ammonium concentrations were relatively constant but were highest during 

the low tide period (avg. 5.8 + 1.4 µmol L-1) with a modest decline during high tide (avg. 

4.6 + 0.8 µmol L-1).  Ammonium concentrations in the bottom water were more variable 

but generally higher than in the surface water.  Total dissolved inorganic nitrogen (TDIN) 

in the surface water showed a trend of high concentrations at low tide and lower TDIN at 

high tide.  Dissolved organic nitrogen levels were generally higher during low tide, with 

the highest concentration recorded at the mid-day low tide, and lower during high tide.  

Bottom water DON and DIN were largely constant with higher concentrations of DON 

measured during the brief, mid-day low tide and the evening, falling tide. 

 

DISCUSSION 

   One of the values of coastal marshes is their role in regulating nutrient loads and 

supporting the food chain of the greater estuary.  Currently, there are very few published 

studies on the role of oligohaline marshes, such as those of the Apalachicola NERR, in 

nitrogen cycling in estuaries.  Furthermore, although denitrification is a key process in 

nitrogen cycling, it has been recognized that many classic techniques for measuring 

benthic denitrification rates (e.g. acetylene block and mass balance calculations) used 
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prior to recent improvements were inadequate for accurately determining in-situ N2 

fluxes (Cornwell et al., 1999; Groffman et al., 2006).  The N2:Ar method and isotope 

pairing technique, both of which were used here, have become widely accepted for high-

precision denitrification rate measurements while minimizing sediment disruption and 

other artifacts. 

   Measured rates of N2 production in the ANERR marsh sites were similar or slightly 

lower than other estuarine marshes (Table 5).  However, marshes which have received 

detailed study of nitrogen cycling have typically been those with the greatest water 

column nitrate loading.  For example, in one of the few tidal freshwater/oligohaline 

marshes where modern, high-precision denitrification rate determinations have been 

made (Merrill and Cornwell, 2001) the water column nitrate concentration (of the 

Patuxent River) was up to two orders of magnitude higher than nitrate measured in the 

water bodies interacting with the ANERR marsh (Apalachicola NERR Nutrient 

Metadata, http://cdmo.baruch.sc.edu/).  One of the major controls on denitrification rates 

in estuaries is water column nitrate concentration with increasing rates observed with 

higher nitrate loading (Nielsen et al., 1995; Kana et al., 1998).  As an area not impacted 

by high nitrate loading, it can be expected that denitrification rates in the ANERR marsh 

are generally low in comparison to many other coastal marshes. 

   Another emerging consensus is that temperature may not be a dominant control on in-

situ marsh sediment denitrification rates.  Denitrification rates for the ANERR marsh did 

not display a clear sinusoidal pattern with seasonal changes in temperature and N2 

production rates are likely controlled by other factors.  Seasonal patterns in marsh 

denitrification are now thought to be most likely influenced by nitrate availability in 

response to vegetation growth patterns which control DIN uptake, sediment oxygenation, 

and nitrification rates (Hammersley and Howes, 2005).  Isotope pairing tests using 15N-

nitrate tracers on sediments from the vegetated ANERR marsh site 1 confirmed that in-

situ oxdiation of ammonium is the dominant source of denitrified nitrate.  Therefore, 

ammonium availability, and rates of oxidation to nitrate, are likely the primary controls 

on denitrification at the vegetated marsh sites.  Although the creek beds showed net 

efflux of ammonium with the absence of plant uptake, denitrification in these sediments 

may also likely be limited by in-situ nitrification rates. 



 106 

   Nitrogen burial measured for the ANERR marsh (1.46 mmol m-2 d-1) paralleled 

previous findings for tidal freshwater (avg 1.97 mmol m-2 d-1) and oligohaline to 

mesohaline marshes (avg 2.53 mmol m-2 d-1; from Merrill & Cornwell, 2001 and Craft, 

2007).  Studies of nitrogen burial in marshes are still rare, however, and most published 

work was done in marshes impacted by high anthropogenic nitrogen loading.  

Preliminary results from the ANERR marsh indicate that burial of particulate nitrogen is 

a larger sink for N than denitrification.  In a summary comparison of soil properties of 

tidal freshwater, brackish, and salt marshes within in the United States, Craft (Craft 2007) 

concluded that freshwater input promotes greater organic matter preservation and 

mediates N burial rates.  To maintain the N burial rates in the ANERR marsh, therefore, 

it may be critical to sustain sediment loading for marsh accretion, maintain freshwater 

input, and preserve the spatial extent of the marsh. 

   This study was conducted to determine tidal N exchange between the marsh, East Bay, 

and the Apalachicola River distributaries by comparing differences in DIN and DON in 

ebb-low tide and flood-high tide water in a representative marsh tidal creek.  The creek 

water was found to be stratified with respect to salinity at flood stage indicative of a salt 

wedge of estuarine water moving into the tidal creek at high tide.  This stratification and 

salt wedge was also consistent with periodic, seasonal measurements in the same creek 

(Table 2).  Thus, the surface water was assumed to be most representative of oligohaline 

water draining from, and interacting with, the marsh surface and porewater.  A 90% 

depletion of nitrate at ebb-low tide relative to flood-high tide was indicative of nitrate 

removal within the marsh and was consistent with net uptake observed in sediment core 

incubations.  Nitrate removal has been widely observed for many types of marsh 

sediments and is attributable to nutrient assimilation by plants and microbial 

denitrification of nitrate to N2.  Although most of the nitrate denitrified within the marsh 

sediments was supplied by in-situ nitrification, depletion of nitrate from tidal inflow 

water suggests that the ANERR marsh has the potential to remove a considerable fraction 

of nitrate introduced from allochthonous sources. 

   The outwelling hypothesis in coastal marsh ecology surmizes that coastal primary 

production is fueled largely by nutrients and organic matter exported from estuaries 

(Nixon, 1980).  The export of DON from the marsh via tidal advection observed here is 
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consistent with many previous reports that tidal marshes function as net sinks for nitrate 

and export dissolved organic nitrogen.  Dissolved organic nitrogen pools include a wide 

variety of compounds varying in size and complexity from amino acids to humic 

substances (See and Bronk, 2007) and are now known to be important nitrogen sources to 

planktonic primary producers (Zehr and Ward 2002).  Chanton and Lewis (2002) 

determined that within Apalachicola Bay, secondary production is highly dependent on 

organic matter derived from primary production within the estuary.  These sources of 

estuarine organic matter include the fringing oligohaline marshes and thus protection of 

these marshes is essential to maintaining the overall productivity of Apalachicola Bay. 
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TABLES 

 
Table 4.1.  Location and vegetation description of ANERR marsh samping stations. 
 

site no. location Dominant Vegetationa Latitude Longitude 
1 Buzzard Bayou Cladium jamaicense 

(with Scirpus and Spartina) 
29o 46.016’ N 84o 59.939’ W 

2 Buzzard Bayou Juncus roemerianus 

(with Spartina and Cladium) 
29o 44.815’ N 84o 59.633’ W 

3 Little St. Marks River Spartina 29o 44.630’ N 84o 58.207’ W 
 

a Indicates the major vegetation in 2005 at the beginning of this study.  All sites were predominantly 
Spartina in 2007 and later. 

 

 

Table 4.2.  Field measurements of Buzzard Bayou creek dissolved oxygen, salinity, and 
temperature, 4 August 2005 to 16 July 2008. 
 
 
Station Date Tide stage Overlying 

water 
 Surfacea  Bottom 

   S 
(ppt) 

 DO 
(mg L-1) 

S 
(ppt) 

T 
(oC) 

 DO 
(mg L-1) 

S 
(ppt) 

T 
(oC) 

1 4 Aug 05 flood n.d.  1.4 0.8 26.8  1.44 0.8 26.4 
1 12 Oct 05 slack (high) n.d.  5.9 0.1 25.4  n.d 10.8 n.d. 
1 10 Jul 06 flood n.d.  2.6 7.0 25.0  n.d. n.d. n.d. 
1 26 Jul 06 slack (high) n.d.  1.5 7.5 29.8  0.7 7.5 28.7 
1 28 Aug 06 n.d. n.d.  2.1 8.0 28.5  1.9 8.1 28.3 
1 3 Oct 06 n.d. n.d.  4.1 5.9 25.7  4.1 6.0 25.6 
1 19 Nov 07 n.d. 0.0  n.d. 8.2 n.d.  n.d. n.d. n.d. 
1 12 Feb 08 n.d. n.d.  7.5 1.2 15.9  2.2 4.1 15.2 
1 1 Apr 08 slack (low) 0.0  3.1 1.6 20.0  n.d. n.d. n.d. 
1 2 Jun 08 flood 0.1  2.4 5.9 26.5  n.d. n.d. n.d. 
1 16 Jul 08 ebb n.d.  2.5 8.5 29.4  1.8 8.8 28.9 
            

2 4 Aug 05 flood n.d.  3.2 0.4 28.1  2.9 0.5 27.5 
2 12 Feb 08 n.d. n.d.  8.5 0.8 16.0  7.7 0.8 15.9 
2 1 Apr 08 slack (low) n.d.  6.7 0.8 22.4  5.2 0.8 22.2 
2 2 Jun 08 flood n.d.  4.2 6.9 29.1  n.d. n.d. n.d. 
2 16 Jul 08 ebb n.d.  3.3 8.5 29.2  1.7 14.0 33.3 
            

3 4 Aug 05 flood n.d.  4.3 0.1 27.1  n.d. n.d. n.d. 
3 12 Oct 05 slack (high) n.d.  6.1 1.4 25.3  n.d. n.d. n.d. 
3 1 Jan 06 n.d. n.d.  9.2 0.1 14.5  8.9 0.1 14.5 
3 2 Jun 08 flood n.d.  11.2 5.8 29.5  n.d. n.d. n.d. 
3 16 Jul 08 ebb n.d.  4.6 6.8 28.2  4.1 15.9 29.3 

 

a DO, dissolved oxygen; S, salinity; T, temperature. 
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Table 4.3.  Benthic fluxes of N2, O2, and DIN for the Buzzard Bayou and Little St. Marks 
sites calculated from intact sediment core incubations. 
Rates are normalized for one mole of N or O2. 
 
site sediment a date incubation 

temp. 
N2 flux b 
(N2-N) 

NH4
+ flux 
 

NO3
- flux O2 flux n 

 
   (oC) (mmol m-2 d-1) (cores) 

1 BB-VM 11-Jul-06 25.0 0.45 n.a.c n.a. -26.56 4 
1 BB-VM 4-Oct-06 24.0 0.33 n.a. n.a. -24.48 3 
1 BB-VM 20-Nov-07 15.0 0.77 -0.04 n.a. -16.13 5 
1 BB-VM 14-Feb-08 14.0 0.55 n.a. n.a. n.d. 5 
1 BB-VM 2-Apr-08 18.0 0.49 0.47 n.a. -36.18 3 
1 BB-VM 2-Jun-08 26.5 0.34 n.a. n.a. -32.36 3 
1 BB-UCB 16-Jul-08 31.0 0.70 1.95 -0.57 -24.19 3 
1 BB-VM 5-Aug-08 28.0 0.50 n.a. n.a. -35.17 2 
1 BB-VM 30-Sep-08 25.0 -0.39 n.a. n.a. -6.51 3 
         

2 BB-VM 14-Feb-08 14.0 0.44 n.a. n.a. n.d. 5 
2 BB-VM 2-Apr-08 18.0 1.31 -0.70 n.a. -20.35 3 
2 BB-VM 2-Jun-08 26.5 0.68 n.a. n.a. -24.02 3 
2 BB-UCB 16-Jul-08 31.0 0.71 2.24 -0.43 -46.83 3 
2 BB-VM 5-Aug-08 28.0 0.23 n.a. n.a. -30.71 3 
2 BB-VM 30-Sep-08 25.0 0.11 n.a. n.a. -4.66 3 
         

3 LSM-VM 2-Jun-08 26.5 1.72 n.a. n.a. -23.66 3 
3 LSM-UCB 16-Jul-08 31.0 0.65 2.29 -0.71 -28.43 3 
3 LSM-VM 5-Aug-08 28.0 0.97 n.a. n.a. -20.24 3 
3 LSM-VM 30-Sep-08 25.0 0.75 n.a. n.a. -4.33 3 

 
a BB, Buzzard Bayou; LSM, Little St. Marks River; VM, vegetated marsh; UCB, unvegetated creek bed. 
b July and October 2006 measurements were based on isotope pairing technique data (denitrification rate); 
N2 production was determined to be 99% coupled nitrification-denitrification. The remainder of data are net 
N2 fluxes based on N2:Ar measurements. 
c n.a., not available. 

 

Table 4.4.  Nitrogen burial rate measurements for the vegetated marsh sites based on 
210Pb dating and total nitrogen analyses. 
 

site sed. accretion rate 
(g cm-2 y-1) 

avg. total N content 
(w w-1) 

N burial rate 
(mmol N m-2 d-1) 

1 0.11 0.678 % 1.46 
2 0.12 n.d.a n.d. 
3 n.d. n.d. n.d. 

 
a n.d., not determined. 
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Table 4.5.  Summary of published denitrification rates for coastal marshes. 
Data compiled from Hamersley and Howes (2005) and Merrill and Cornwell (2001). 
 

Denitrification Marsh type Dominant vegetation 
(mmol N m-2 d-1)  and/or location 

0.4 - 11.9 salt marsh short S. alterniflora 
1.8 salt marsh short S. alterniflora 
2.3 salt marsh S. alterniflora 

0.4 - 2.1 salt marsh short S. alterniflora 
0.21 salt marsh P. maritima 

0.06 - 1.4 salt marsh H. portulacoides 

0 - 0.61 salt marsh S. alterniflora 
423 salt marsh S. cynosuroides 

0 - 2.2 salt marsh L. sertinum 

5.6 - 13.8 salt marsh short S. alterniflora 
0.67 - 1.44 oligohaline Patuxent River Estuary 

3.0 freshwater tidal Patuxent River Estuary 
2.4 freshwater tidal Patuxent River Estuary 
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FIGURES 

 
 

 

 

Figure 4.1.  Map of the Apalachicola National Estuarine Research Reserve.
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Figure 4.2.  Contour plots of water column temperature, salinity, and dissolved oxygen 
profiles during the 4 -5 June 2007 tidal exchange study. 
Open circles indicate the water level. 
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Figure 4.3.  Water column nitrogen concentrations during the 4 -5 June 2006 tidal 
exchange study. 
Figures A and C are plots for surface water; B and D are bottom water samples. 
Symbols: ammonium (squares), nitrate (circles), water level (dotted line), total dissolved 
inorganic nitrogen (DIN; diamonds), dissolved organic nitrogen (DON; triangles). 
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SUMMARY 

   Meeting the challenges of mitigating environmental, social, and economic harm due to 

reactive nitrogen pollution requires basic scientific research on the behavior of nitrogen 

in nature.  Through this dissertation on marine nitrogen cycling, I strived to address 

fundamental gaps in our understanding of microbial nitrogen biogeochemistry while 

providing data pertinent to environmental management practices.  The first two chapters 

address the role of sublittoral, sandy sediments in organic matter mineralization and 

nitrogen removal whereas the third and fourth chapters examine benthic nitrogen cycling 

in Arctic fjords and a subtropical coastal wetland, respectively. 

   Chapter 1 examined the role of sandy sediments in biogenic detritus degradation and 

the initial response of benthic microbial communities to pulses of labile organic matter 

deposition.  Organic matter oxidation in margin sediments is a central process in marine 

biogeochemical cycles, and determining the identity and ecology of benthic 

microorganisms catalyzing decomposition processes in the predominant shelf sediment 

type (sands) is essential for a thorough understanding of coastal ecosystem function.  For 

the first time, nucleic acid-based stable isotope probing was used to determine the 

taxonomy of microorganisms catalyzing phytodetritus degradation in marine sediments.  

During simulated detritus deposition experiments using intact sediment cores, an abrupt 

pulse of accelerated oxygen consumption and denitrification was observed, indicative of 

a community poised to immediately begin degrading newly-deposited organic matter.  By 

linking 13C uptake with 16S rRNA gene phylogeny, the ecological function of 

Gammaproteobacteria, Planctomycetes, Actinobacteria, Verrucomicrobia, and 

Bacteroidetes as initial degraders of organic matter in shallow, permeable sands was 

demonstrated.  Stable isotope probing combined with cloning and sequencing of nosZ 

genes identified the potential denitrifying microorganisms as Alphaproteobacteria.  This 

new knowledge of benthic detritus-degrading microbial communities, and their responses 

to organic matter influx, will permit better-informed future evaluations of permeable 

shelf sediments in coastal biogeochemical cycles. 

   Chapter 2 presents a comprehensive assessment of the rates and mechanisms of 

microbial nitrogen cycling in coastal, permeable sediments.  Sandy surficial deposits, 

long thought to play little part in nutrient cycling, are the dominant sediment type on 
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continental shelves and are increasingly recognized as harboring highly active microbial 

communities capable of rapid biogeochemical cycling.  In contrast to fine-grained 

sediments, where interstitial solute transport occurs mainly via molecular diffusion, the 

permeability of sandy sediments allows pore-water flow and advective exchange of 

material across the sediment-water interface.  Pore-water advection in permeable 

sediments can lead to an acceleration of organic matter mineralization proportional to the 

extent of pore-water exchange; benthic respiration rates in sandy sediments during 

advective exchange can match or rival rates from fine-grained sediments in similar 

environments.  Although correlations between microbial respiration and pore-water 

flushing in permeable sediments are now well-recognized, the influences of advective 

interstitial transport on benthic nitrogen cycling, and particularly rates of N2 production, 

are largely unexplored.  Thus, by assessing the fate of nitrogen mineralized during rapid 

carbon turnover stimulated by advective pore-water exchange, this work addressed a 

substantial knowledge gap regarding the role of the shallow seafloor in organic matter 

diagenesis and nitrogen cycling. 

   The hypothesis that pore-water advection will accelerate denitrification in sands was 

upheld by multiple experimental approaches demonstrating a positive correlation of pore-

water advection and N2 production.  The mechanism of enhanced N2 production varied 

by location: an acceleration of coupled nitrification-denitrification stimulated N2 efflux in 

well-aerated permeable sediments in the exposed, Gulf of Mexico environment; in 

contrast, enhanced advective introduction of external sources of nitrate into the sediment 

was more important for denitrification in suboxic or anoxic sands in the more sheltered 

Apalachicola Bay.  It was concluded that denitrification rates and controls may vary 

temporally on scales as short as minutes due to changes in wave and bottom current 

energy, but also seasonally as a response to nitrate availability, in the case of 

Apalachicola Bay sediments, and annual cycles of storm events affecting both sites.  This 

successful proof-of-concept study illustrates the need to incorporate knowledge of 

sediment permeability, and the range of potential flushing conditions, in predicting 

benthic nitrogen fluxes and the extent of N removal in sandy sediments.   

   Chapter 3 examined rates and pathways of benthic nitrogen cycling in Arctic sediments 

while testing new hypotheses on the importance of anammox, coupled nitrification-
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denitrification, dissolved organic carbon consumption, benthic N2 fixation, and 

temperature regulation of nitrogen gas production in marine sediments.  Benthic 

processes affecting bioavailable nitrogen in the Arctic Ocean are particularly important as 

throughflow and mixing with the greater oceans can have widespread impacts on global 

marine primary production.  There are currently only a handful of published studies on 

sedimentary nitrogen cycling in the Arctic, and direct determinations of nitrogen removal 

through N2 production are exceedingly rare.  In this study, nitrogen and carbon cycling 

were studied in fjords of Svalbard, a group of islands near the Fram Strait which is the 

major deep-water passage between the North Atlantic and Arctic Ocean.  Objectives of 

this study were to directly determine rates of net nitrogen loss as N2, examine the 

contribution of anammox to gross N2 production, and quantify net fluxes of nitrogen and 

carbon solutes across the sediment-water interface.  It was hypothesized that net N2 

fluxes would be comparable to more temperate coastal sediments and anammox would be 

important in N2 production. 

   Our results demonstrated that benthic N2 production in Svalbard fjords was dominated 

by denitrification and net N2 fluxes were indeed comparable to temperate coastal regions.  

Although anammox has been largely overlooked in previous Arctic studies, our results 

confirmed that anammox is an important pathway for N2 production.  Preliminary 

evidence of nitrogenase activity suggested that N2 production is counteracted in part by 

nitrogen fixation at one of the sites.  Sediments were a substantial source of nitrate to the 

water column and may be an important source of regenerated nutrients for primary 

production in the Arctic Basin and North Atlantic.  Rapid uptake of dissolved organic 

carbon by fjord sediments was observed and these environments may be an important 

sink for terrigenous organic matter which is often considered highly recalcitrant in the 

Arctic Ocean.  Estuarine ecosystems similar to Svalbard fjords exist throughout the 

Arctic; thus nitrogen removal rates determined here can be used to recalibrate modeling 

estimates for the Arctic shelf such as that of Seitzinger and Giblin (1996) and Chen et al. 

(2000).  This study also provides a valuable contribution to the framework necessary for 

understanding Arctic Ocean nutrient cycling at a critical time when Arctic temperatures, 

ice cover, coastal upwelling, and marine primary production continue to be affected by 

global climate change. 
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   Nitrogen cycling in an oligohaline marsh was the subject of Chapter 4.  This study 

tested current hypotheses on nitrogen attenuation and transformation by coastal wetlands 

and strived to provide fundamental information for the development of improved 

watershed management practices.  Work was conducted in a system of marshes 

surrounding the Apalachicola River distributaries within the Apalachicola National 

Estuarine Research Reserve (ANERR) of the Florida panhandle.  Although this region is 

relatively pristine with respect to pollution and development, the economic and 

ecological health of this estuary is threatened by accelerated freshwater diversion and 

land use change within the multi-state watershed.  Previous work has demonstrated that 

the supply of riverine nutrients, including organic and inorganic nitrogen, is essential to 

sustaining the foodwebs of Apalachicola Bay.  Prior to reaching the Bay, a portion of 

river water is intercepted naturally by the fringing distributary marsh system.  It was 

hypothesized that processing of riverine nutrients by the ANERR marsh may be essential 

in regulating the levels and forms of nitrogen delivered to Apalachicola Bay.  The 

importance of nitrogen in coastal marshes has been recognized, although the magnitude 

of sinks and sources, and mechanisms of internal nitrogen cycling, remain controversial; 

furthermore, very few studies have addressed nitrogen cycling in oligohaline marshes 

such as the ANERR wetland. 

   With support from a NOAA Graduate Research Fellowship, a study was conducted to 

directly assess nitrogen removal in the ANERR oligohaline wetland system through 

combined benthic N2 production, nitrogen burial, and tidal flux determinations.  Results 

indicated that the burial of particulate nitrogen is a larger annualized loss term than 

denitrification.  Thus, it was concluded that to maintain the primary nitrogen removal 

mechanism of this marsh, it will be critical to preserve the spatial extent of the marsh, 

sustain sediment loading for continued vertical marsh accretion, and maintain freshwater 

input to promote particulate nitrogen burial.  Tide-driven exchange of nitrogen between 

marsh creeks and river distributaries was shown to result in net uptake of nitrate by marsh 

sediments and net export of dissolved organic nitrogen to Apalachicola Bay.  Organic 

matter derived from primary production within the estuary has been demonstrated to be 

essential to local secondary production.  Therefore, maintaining the integrity of the 



 118 

ANERR marsh, and the export of organic matter to the greater estuary, will be especially 

important in sustaining Apalachicola Bay’s productivity. 
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