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Abstract 

 Algae represent a carbon neutral feedstock for biofuel production. However, to fully 

realize the benefits of coupling algae production with nutrient reduction of wastewater, 

maximum usable biofuel output must be achieved. Indeed, identification of appropriate algal 

strains, understanding biochemical pathways, and optimization of production of fuel precursors 

(i.e. lipids) have been identified as some of the most important challenges that need to be 

addressed before this technology becomes economically feasible.  Prospective biofuels originate 

from the medium-chain fatty acids encased in algal cell membranes.  Under ideal conditions, 

algae synthesize primarily proteins and carbohydrates that are necessary for cell growth.  

However, when stressed, algae will synthesize large quantities of triacylglycerols (TAGs) that 

are comprised of mid- to long-chain fatty acids (FAs) bound to glycerol, and these FAs are the 

primary source of biodiesel. By manipulating growth conditions (e.g. temperature, light, 

nutrients, pH etc.) the concentration and composition of the FAs can be altered.  

In this work, various species of freshwater algae grown on domestic wastewater were 

harvested to determine their potential as a source of combustible biofuels. The goal was to 

determine which algal strains and stress conditions optimize lipid composition.  Total lipid 

content in dried algal pellets was screened with UV-Vis spectroscopy after derivatization of free 

fatty acids. Since the quality of the lipids produced is also important in determining biofuel 

conversion efficiency, the composition of individual lipids (e.g. carbon chain length, number and 

position of double bonds) was characterized by capillary gas chromatography.  



Introduction 

 Biodiesel has the potential to develop into a renewable and alternative energy source that 

could replace non-renewable fossil liquid fuels. However, there is much debate in the scientific 

community about terrestrial crops being used as a replacement energy source for biofuel. 

Although terrestrial crops may be viewed as an eco-friendly biofuel source - for example,  they 

dramatically decrease greenhouse emissions- such production has negative effects on both the 

environment and economy. The growth of crops to produce biofuels requires substantial amounts 

of land and includes high water demand and frequent applications of pesticides (2). However, the 

main concern is the potential for such sources to develop a competition between agriculture and 

energy production. (2).  

An alternative to land-based crops as a source of renewable liquid fuels are the 

photosynthetic aquatic microorganisms known as algae. Algae are subjects of interest for biofuel 

research because they have many benefits over other sources of biodiesel. They are extremely 

diverse microorganisms that adapt to modifications of their environment and avoid many of 

problems associated with terrestrial-based biofuel production (3).  

 

Statement of Problem 

 While algae have been suggested as a promising and renewable replacement for fossil 

fuels (6), much research is needed before they can replace a substantial amount of fossil liquid 

fuel needs. Numerous studies have been conducted to maximize growth of these diverse 

microorganisms. However, the reliability of the biodiesel produced is a concern. Characteristics 



such as ignition quality, cold-flow properties, and oxidative stability are determined by the 

structure of the fatty acids (FAs). These are the reasons that lipid and carbohydrate content are  

key factors to consider when selecting algae for biodiesel production. Saturated fats tend to have 

a poor low-temperature operation, while biofuels with high levels of polyunsaturated fatty acids 

(PUFAs) do not store well for long periods of time due to the fact that they have a tendency to 

undergo oxidation (3). Previous studies indicate that, by alternating the environmental conditions 

algae are exposed to during growth, it is possible to change which FAs are be produced. 

 In this project, various algal strains were grown in nutrient rich wastewater effluent  and 

the lipid quality and content at different physiological stages assessed. Optimally, under ideal 

conditions of growth, algae produces FAs chains of various lengths for the future of 

esterification into membrane lipids (3). Conversely, under stress conditions, algae yields 

triacylglycerols (TAGs), which act as reserves for energy and carbon as it deposits in the 

cytoplasm of the algal cell in compact bodies (3). Colonial green algae, under such 

environments, also generate large amounts of extra-long hydrocarbons, twenty-three to forty 

carbons long, which are similar to those found in petroleum. These TAGs and extra-long 

hydrocarbons are the targets for transesterification that yield biofuel. (3) It is well known that 

large amounts of lipids are produced during these nutrient depravation (i.e. stress) conditions. 

What is not known whether the lipids produced are beneficial only for cellular use and how such 

“generated” lipids affect of the subsequent biodiesel produced. The focus of this research was 

thus to determine how nutrient conditions affect the quantity and quality of lipids produced by 

different alagal strains.  

 



Experimental Methods 

Algae Growth Experiments 

  All experiments in this study used algal strains that occur naturally in local water 

bodies. Growth experiments were carried out under the supervision of Drs. Joel Kostka and  

Michael Wetz of the Earth, Ocean and Atmospheric Science (EOAS) department at Florida State 

University. The probability of biomass being released into the environment through large-scale 

culture is high, so the group hoped to prevent any major negative affect associated with releasing 

non-native algal strains. Since the synthesis and buildup of large quantities of TAGs occur in the 

cell when the environment is stimulated by different chemical or physical attributes, we focused 

on the different FAs generated when algae are deprived of nutrients as well as during the 

different phases of their growth.  

 Initial experiments were carried out in the laboratory using 4 L flasks. Algae exposure to 

the growth matrix CHU 10, a synthetic media rich in nitrogen, phosphorus, silicon and carbon 

(3), was limited for nutrient-deprived experiments. In order to maximize saturated, mono-

unsaturated, and polyunsaturated fatty acids, the algae were exposed to a constant artificial light 

in an incubated room (3). The Synthetic CHU 10 media was placed in a Fernback flask, 

inoculated with the strain and grown at a 25°C under a 14hr/10hr light/dark cycle. The 

experimental design included a primary and secondary phase. The primary phase lasted 12 days 

and the secondary phase took place during the last 3 days. The primary experiment included 

twelve Fernbach flasks: triplicates of Chlorella bubbled with 10% CO2, triplicates of 

Chlamydomonas bubbled with 10% CO2, triplicates of Chlorella bubbled with air, and triplicates 

of Chlamydomonas bubbled with air (see Figure 1). In the second phase, twelve new flasks, 



sterilized in the same manner as the first, were filled with one liter of nutrient depleted 

wastewater effluent and inoculated with 400 mL of the primary culture.  This phase was 

designed to eliminate the effects of self- shading. 

 

Figure 1. The primary experimental setup of the growth phase (courtesy of Kristina Welch). 

 

 A second set of field-based experiments were carried out using open raceway ponds at 

the Tram Road spray field facility. In these experiments, inoculants were grown outdoors in 

bioreactors using unfiltered treated wastewater as a nutrient source. Bioreactors were filled with 

200 liters of wastewater and inoculated with five liters of Chlorella that was grown in the lab. 

Once the cultures in the ponds reached high biomass density, ponds #1 and #2 were filled with 

800L of treated unfiltered wastewater and inoculated with 40L of culture from the bioreactors; 

pond 1 was exposed to carbon dioxide during growth whereas pond 2 was not. The third pond 

was used as a control treatment and was filled with 880L of wastewater and was not inoculated 



with culture; pond #3 was given CO2 and  was controlled in the same way so that we could 

compare what is there naturally to the species we isolated. 

 

Sample Harvesting and Extraction 

 Algae cells were freeze-dried overnight to remove water and increase solubility and 

absorbency of the lipid fraction (7). The lipid extraction method used was modified from the 

original Folch method (8). The “crude extraction” was carried out using 20 mg of dried algae 

pellet that was placed in a 24 mL vial and extracted with 5 mL of a 2:1 v/v chloroform/methanol 

mixture. The vial was capped, and then shaken for one minute (1). The extract was then filtered  

through a 0.2�� Whatman nylon filter into in a second vial. This process was repeated twice 

using 3 mL and 2 mL of the solvent. To this crude extract, 2 mL of 0.9% sodium chloride was 

added and placed in a centrifuge at 2000 rpm for twenty minutes, yielding the “purified extract” 

(1). After twenty minutes, the upper aqueous phase was removed by pipetting and then 

discarded. The lower, organic phase was then rinsed with 1.5 mL of a chloroform/methanol/aqua 

(3:48:47) solution. Methanol was then added until the two phases homogenized and the mixture 

then diluted to 10 mL using the chloroform/methanol mixture (1). 

 

Analytical Measurements 

 A spectrophotometric procedure was used to measure the total free fatty acid (FFAs) 

concentration after formation of an optically active vanilline complex (1) on the unsaturated sites 

of FA chains that absorbs at approximately 515 nm. At this point, a 0.5 mL aliquot of organic 



extract was placed in a labeled vial and evaporated on a hot plate over low heat. After the extract 

was evaporated, 0.5 mL of concentrated hydrochloric acid was added and the sample then placed 

in a hot water bath (~ 100°C) until the solution was completely evaporated (approximately 10 

minutes). Flushing the mixture with a stream of nitrogen speeds up this process. After the acidic 

solution cooled to room temperature, 2.5 mL of vanilline reagent was added. To maximize 

absorbance, the vanilline complex sat for two to three hours (1). 

 A Perkin Elmer Lambda 950 spectrometer located in Florida State University Department 

of Chemisty’s Bioanalytical Synthesis and Services (BASS) Laboratory was utilized to measure 

total lipid content. Absorption of the derivatized vanilline-FA complexes was monitored at a 

wavelength first determined by scanning, normally at ~520 nm.  Before analyzing each set of 

samples, a blank of vanilline was analyzed to determine the background absorbance. Due to the 

fact that algae naturally synthesize linoleic acid (LA), and because LA is di-unsaturated, 

unknown amounts of fatty acids were calculated using an external standard calibration curve of 

LA (8). A known amount of linoleic acid was dissolved in the same 2:1 chloroform/methanol 

solvent used for the samples and the absorbances of the standards then used to generate the 

calibration curve. As soon as the blank had finished running and the wavelength for quantitation 

determined, sample absorbances were measured. Time-series describing the production of FAs 

were developed from this data on one batch of algae grown over an extended period (1).  

 FT IR spectroscopy was also investigated as a simple method for assessing the total lipid 

content of algae cultures.  A Perkin Elmer Spectrum 100 IR spectrometer was used was used to 

quantify functional groups found in TAG fatty acids (Figure 2) under normal and stress 

conditions. The two functional groups of interest were carbonyls (circled in red in Figure 2) at 

~1740 cm-1 and  aliphatics (circled in blue) at 2800-3000 cm-1.  



Figure 2. Typical TAG structure. Carbonyl group circled in red, hydrocarbon group circled in 

blue.  

 

 Individual fatty acids were lastly converted to fatty acid methyl esters (FAMEs) using an 

acid catalyzed methylation procedure described as the MIDI system (5). A 0.5 mL aliquot of 

crude extract was dried under a N2 stream in a 24 mL vial. One mL of MIDI Reagent 1 (45 g 

NaOH, 150 mL H2O, 150 mL MeOH) was then added to the vial and heated to 100˚C for 30 

minutes for saponification. After cooling to room temperature, 2 mL of MIDI Reagent 2 (325 

mL 6N HCl, 275 mL MeOH) was added to the sample which was then heated to 80˚C for 10 

minutes in order to methylate the FAs. FAs methyl esters were extracted from the vial with 1.25 

mL of MIDI Reagent 4 (10.8 g of NaOH, 900 mL of water) and transferred to a clean GC vial. 

The effectiveness of the derivatization procedure was established by carrying four fatty acid 

standards through the entire process. Retention times and peak heights of the derivatized FAs 



were then compared to authentic FAME standards of the analogous fatty acids. 

FAMEs were then analyzed using a Shimadzu GC-17A capillary gas chromatograph 

equipped with a flame ionization detector and Zebron ZB-5HT capillary column, 30 m X 0.25 

mm ID and 0.25 mm liquid phase (Phenomenex).  Data analysis was carried out with 

Chromatopac software (Shimadzu). FAME chain length and degree of unsaturation were 

determined by comparing retention times of unknown peaks with those of authentic standards 

(VWR Scientific).   

 

Results 

Quantization of Total Lipids 

 For the quantization of total lipids UV-Vis Spectroscopy, linoleic acid was used as an 

external standard. This standard was created by taking known amounts of linoleic acid (18:2) and 

treating them in the same fashion as the algal samples. The diluted mass (mg) was calculated by 

using a known aliquot of standard sample.  The absorbance (AU) was then plotted against diluted 

mass (mg) to generate the calibration curve. Table 1 includes typical calibration data, and this 

data used to calculate a typical calibration curve (Figure 3) with an R2 value of 0.97949.  



 

Figure 3. The linoleic acid standard that is used to find the lipid content of the lyophilized 

microalgae pellets. 

 

Table 1: Concentrations and Absorbances of Linoleic Acid Standards 

Concentration (mol/L) Diluted Mass (mg) Absorbance (AU) 
Corrected Absorbance 

(AU) 

0.00000 0.00000 0.256 0.0000 

0.00913 1.28 0.289 0.0329 

0.0630 8.84 0.348 0.0917 

0.104 14.6 0.383  0.127 

0.153 21.5 0.430 0.174 

 

 



Initial Growth Experiments 

 In preliminary experiments, water from two sites, Lake Bradford and Lake Munson, were 

collected and 15 strains from the two samples were isolated. Six of the strains representing the 

different genera were tested. Chlorella and Chlamydomonas were shown to have the highest 

growth rates and relative lipid content in the stationary growth phase and were thus chosen for 

the nutrient experiments.  When supplied to CHU 10 mixture, lipid metabolism was altered in as 

little as 48 hours but maximum lipid concentrations were reached after approximately 15-18 

days.  After this period it appears that Chlamydomonas sp. starts feeding off its stored energy 

while Selenastrum sp. continues in TAG synthesis, ultimately increasing lipid output by 148%. 

 An important observation from this initial experiment is how the shape of the individual 

algae affects the growth of the sample. Chlamydomonas and Chlorella are both oblong algae 

whereas Selenastrum is a sickle shaped body. With the crescent shape, there is less mass to the 

body and it takes a longer time for the transition to be visibly seen. Since the goal of this 

experiment is to maximize the total lipid output, the amount of lipids produced by Selenastrum, 

despite increasing by 148 %, is nevertheless inferior to the Chlamydomonas and Chlorella 

strains. Chlamydomonas and Chlorella were thus selected for further studies due to their (1) 

ability to grow quickly, (2) produce a large volume of biomass, and (3) maintain a high lipid 

content.  



 

Figure 4. The effect of nutrient availability on two algal strains, Chlamydomonas and 

Selenastrum. After this period it appears that Chlamydomonas sp. starts feeding off its stored 

energy while Selenastrum sp. continues in TAG synthesis, ultimately increasing lipid output by 

148%. 

 

Lipid Content as a Function of Nutrient Status 

 The Chlorella and Chlamydomonas were then subjected to three treatments: bubbling 

with air, bubbling with 10% carbon dioxide, and dilution in nutrient depleted wastewater to 

minimize effects of self shading. As some research suggests that algal growth may be limited by 

light availability, on day 10 the experiment was expanded to it’s secondary stage of the 

experiment. Twelve new flasks, which were sterilized in the same manner as the first, were filled 

with one liter of nutrient depleted wastewater effluent and inoculated with 400 mL of the 



primary culture. The original twelve, in addition to these new twelve flasks, were applied to the 

bubbling technique for the last days and sampling continued. 

 Algae samples were compared in the P (primary) and S (secondary) phase of the 

experiment. However, results from the secondary phase are not available because there was not 

enough mass to acquire accurate UV readings. These samples yielded only ~ 1 mg of dried mass, 

and the procedure requires 20 milligrams for accurate measurements.  

The lipid fraction data is thus limited to the samples that were grown in the primary 

experimental setup. The average lipid composition (%) of Chlamdymonas was 45.3 at day 10 and 

55.0 at day 12 when supplied to air. When supplied with carbon dioxide the average lipid 

composition (%) of Chlamdymonas was only 20.8 at day 10 and 36.3 at day 12. Chlorella 

exhibited lipid fraction compositions (%) of 52.0 and 38.1 at day 10 and 55.5 at day 12 when 

supplied with air and carbon dioxide, respectively. The general trends observed for both strains 

were that lipid content increased the longer they were grown on the CHU 10 matrix and were 

higher when the algae were supplied with air than CO2.  

  

Table 2: Lipid Fraction for Chlamdymonas and Chlorella when exposed to Air, Day 10 

Species Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

Chlamdymonas 0.310 5.17 45.4 

Chlorella 0.294 3.122 52.0 

 

 



Table 3: Lipid Fraction for Chlamdymonas and Chlorella when exposed to Air, Day 12 

Species Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

Chlamdymonas 0.309 5.03 55.0 

Chlorella 0.309 5.07 62.8 

 

Table 4: Lipid Fraction for Chlamdymonas and Chlorella when exposed to CO2, Day 10 

Species Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

Chlamdymonas 0.281 1.39 20.8 

Chlorella 0.285 1.94 38.1 

 

Table 5: Lipid Fraction for Chlamdymonas and Chlorella when exposed to CO2, Day 12 

Species Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

Chlamdymonas 0.288 2.25 36.3 

Chlorella 0.316 5.98 55.5 

 

 

Field Experiments 

 The purpose of the field experiments was to see how carbon dioxide exposure affects 

growth in open raceway ponds. Although lipid content in two experiments could not be 

determined due to the low amount of biomass produced ( Pond 2, Day 4 and Pond 3 day 5), 

trends are recognizable in these experiments. Lipid content in Chlorella grown in Pond 1 to 

which CO2 was added increased steadily, going from 19.9 %, to 62.5 % between days four and 



six. Chlorella grown in Pond 2, which was not fluxed with carbon dioxide, still exhibited 

increased lipid production, although significantly less than that observed when exposed to CO2. 

Interestingly, a significant increase in lipid content of algae native to the wastewater was also 

observed when the pond was fluxed with CO2 (Pond 3). 

 

Table 6: Lipid Fraction for Chlorella in open raceway ponds, Day 4 

Pond Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

1 0.279 1.11 19.9 

2 NA NA NA 

3 0.283 1.67 37.1 

 

Table 7: Lipid Fraction for Chlorella in open raceway ponds, Day 5 

Pond Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

1 0.294 3.08 29.0 

2 0.277 0.747 29.9 

3 NA NA NA 

 

Table 8: Lipid Fraction for Chlorella in open raceway ponds, Day 6 

Pond Average Absorbance (AU) Lipids in Sample (mg) Lipid Fraction (%) 

1 0.314 5.62  62.5 

2 0.284 1.77 31.0 

3 0.322  6.71  58.9 

 



Rapid Screening of Total Lipids by FT IR Spectroscopy 

 Figure 4 includes FT IR spectra of freeze-dried Chlamydomonas sp. samples grown 

under normal and nutrient-deprived conditions during the preliminary experiment.  The increases 

in the peaks at 1700-1800 cm-1 (carbonyl stretch) circled in red confirm greater concentrations of 

fatty acids in the cells after nutrient deprivation. The aliphatic groups (2800-3000 cm-1) circled in 

blue confirm a significant increase in the amount of mid- and long-chain hydrocarbons. Rapid 

screening of algal cells by FT IR spectroscopy thus appears to be a viable analytical approach to 

determining biofuel potential from algae.    

 

 

Figure 4.  FT-IR spectra of Chlamydomonas sp. grown under normal and nutrient deprived  

conditions. 



Individual Fatty Acids 

 The effectiveness of the derivatization procedure was established by carrying four fatty 

acid standards, ten to 18 carbon in length, through the entire extraction process. Retention times 

and peak heights of the derivatized FAs were then compared to authentic FAME standards of the 

analogous fatty acids. The standards were run individually, and then mixed, to ensure the 

accuracy of the GC analysis. Thee mixtures were run four times and averaged. Table 9 includes 

the retention times of the pure fatty acids, the average retention times of the four FAME 

standards, and the average peak amplitude of the FAMEs in the mixture. 

 

    

Figure 5.  Growth of Chlamydomonas sp. resulted in only one major C12 fatty acid (left), while 

lipid diversity and concentration increased when nutrients were limited (right). 

  



 The first characterization of effects of growth conditions on FA composition compared 

capillary gas chromatograms of extracts of Chlamydomonas sp. under optimal and nutrient 

limited growth conditions (Figure 5). With abundant nutrients a C12 fatty acid was almost 

exclusively produced.  Conversely, production was shifted to long chain (C28-C32) TAGs, 

indicating increased lipid diversity when nutrients were limited. 

 Fatty acids in extracts of Chlorella on Day 6 of the field experiment were determined as 

described above. The chain lengths of the resulting FAMEs were categorized based on where 

they eluted relative to the four FAME standards: C10 – C14, C14 – C16, C16 – C18, and > C18. This 

data is summarized in Figure 6 and supports the results previously observed for lipid 

composition. Chlorella in Pond 1, which was fluxed with carbon dioxide, produced FAs that 

were primarily greater than 18 carbon atoms. This suggests that CO2-enriched wastewater shows 

promise as a growth medium for biodiesel productivity. The second pond, with no added CO2,  

produced smaller FAs almost equally distributed between C14 – C18.  of all lengths. The third 

pond, which was the one that was not inoculated with the algae culture, shows that the treated, 

unfiltered wastewater nevertheless induces native algae growth. This shows that through an 

unknown environmental factor, the pond grew algae for sampling. Due to the fact that the 

carbons utilized for the synthesis of biodiesel should be long chain (C28-C32) TAGs, the field 

experiment shows that the best way to grow algae outside is when fluxed with a constant (100 

%) stream of carbon dioxide. 

 

 

 



TABLE 9: FAME STANDARDS 

FAME 

Retention Time 
(min) 

(Pure) 

Ave. Retention 
Time (min) 

(mixture) 

Ave Peak 
Amplitude (mV)  

(mixture) 

C10 5.1460 4.8330 � 0.2261 36.7643 � 3.5837 

C14 11.2346 11.2188 � 0.0511 33.2795 � 4.1177 

C16 15.2219 15.2185 � 0.0395 35.9615 � 2.1741 

C18 19.1492 19.1566 � 0.0148 30.2152 � 3.3549 

 

 

 

 

 

 

 

 

 

Figure 6: Distribution of Fatty Acids produced by Chlorella after 6 days of growth in field 

experiments.  

  



Summary 

 Results of this research suggest Chlorella and Chlamydamonas grow quickly, produce a 

large volume of biomass, and maintain a high lipid content when nutrients are sufficient for 

initial log-phase growth. In artificial sunlight, Chlorella and Chlamydamonas both produce more 

lipids when exposed to a stream of air. Conversely, in natural sunlight and in a wastewater 

growth medium, the Chlorella produces longer length lipids when flushed with carbon dioxide 

during its growth cycle than when flushed with air. Also, during this study we found out that 

algae already exists in wastewater and these native algae also produce long-chain fatty acids 

when fluxed with CO2. These data can guide the design of future studies that explore the effects 

of carbon dioxide and air, wastewater nutrients, and native algae found in wastewater on biofuel 

quality.   
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